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foci, through which they sense the mechanical stimuli from the ECM and adapt their cytoskeleton
structures. The cellular contraction, on the other hand, may induce dramatic structural changes to the
local extracellular environment, particularly for the fibrous matrices. The main goal of this thesis is to
understand the cell-ECM interaction and cell-cell interaction, which lays the foundation to address the role
of mechanical stimuli in several physiological and pathological processes such as cell differentiation,
wound healing and tumor metastasis. First, we employ the shear-lag model to quantitatively identify the
key parameters affecting the size of focal adhesions, which physically link the cytoskeleton to the ECM
and serve as the signal hubs. Next, by extending the SLM to three-dimensional and including the fibrous
nature of ECM, we study the cell mechanosensing in non-linear ECMs. Furthermore, we focus on the
whole-cell level and study nuclear morphology and stress during tumor cell transmigration. Notably, our
model explains the driving force for tumor cell transmigration and shows potential treatment by
preventing cancer cell extravasation. The nuclear morphology and stress predicted by the model lay the
foundation to study the anticipated extent of DNA damage during transmigration. Finally, we study the
gap formations due to the failure of cell-cell adhesions in endothelium and show that the adaptive cellular
contraction plays a crucial role in preventing gap development and preserving the barrier function.
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ABSTRACT

CONTINUUM MODELING OF CELL-EXTRACELLULAR
ENVIRONMENT INTERACTION
Xuan Cao
Vivek B. Shenoy

To perform functions such as proliferation, differentiation, and locomotion, living cells
establish stable attachments to the extracellular matrix (ECM) via the formation of
specialized receptor mediated contact foci, through which they sense the mechanical
stimuli from the ECM and adapt their cytoskeleton structures. The cellular contraction, on
the other hand, may induce dramatic structural changes to the local extracellular
environment, particularly for the fibrous matrices. The main goal of this thesis is to
understand the cell-ECM interaction and cell-cell interaction, which lays the foundation to
address the role of mechanical stimuli in several physiological and pathological processes
such as cell differentiation, wound healing and tumor metastasis. First, we employ the
shear-lag model to quantitatively identify the key parameters affecting the size of focal
adhesions, which physically link the cytoskeleton to the ECM and serve as the signal hubs.
Next, by extending the SLM to three-dimensional and including the fibrous nature of ECM,
we study the cell mechanosensing in non-linear ECMs. Furthermore, we focus on the
whole-cell level and study nuclear morphology and stress during tumor cell transmigration.
v

Notably, our model explains the driving force for tumor cell transmigration and shows
potential treatment by preventing cancer cell extravasation. The nuclear morphology and
stress predicted by the model lay the foundation to study the anticipated extent of DNA
damage during transmigration. Finally, we study the gap formations due to the failure of
cell-cell adhesions in endothelium and show that the adaptive cellular contraction plays a
crucial role in preventing gap development and preserving the barrier function.
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Chapter 1 Introduction
1.1 Introduction
1.1.1

Crosstalk between the cell and extracellular environment

To perform functions such as proliferation (1), differentiation (2) and locomotion (3),
living cells establish stable attachments to the extracellular matrix (ECM) via the formation
of specialized receptor mediated contact foci. Among all adhesion structures perhaps the
best known are focal adhesions (FAs), which is a molecular structure composed of a diverse
population of structural and signaling proteins as shown in Figure 1-1. Furthermore, FAs
display directional growth parallel to an externally applied load (4). Numerous
observations also indicate that cells form larger (and more) FAs on stiffer substrates as well

Figure 1-1 Schematics for focal adhesions. (a) Focal adhesions are consisted of multiple
proteins (integrins, vinculins, paxilins, talins, and so on) and serve as signaling hub,

producing biochemical signals (adapted from Ref.(184)). (b) Actomyosin contractile
forces are essential for the stabilization of FAs. Adapted from Ref.(185).
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as develop higher intracellular traction forces (5–9). Lots of efforts, both experimental and
theoretical, were made to probe the cell-ECM interactions.

As reported in the literature (10), the FA structure is well established. A typical FA consists
of following parts: a layer of transmembrane receptors, known as integrin, which connect
ECM and adhesion plaque formed by vinculin and other plaque proteins. The FA is usually
connected to the cell nucleus or another FA by the actin stress fiber, which generates
contractile force and is sensitive to mechanical properties of micro-environment (11). The
schematic of the full picture is shown in Figure 1-2.

Figure 1-2 Structure of focal adhesions. FAs locate at the cell periphery are linked to
nucleus or other FAs through actin stress fibers. FA is a multi-layer protein complex as
shown in the enlarged figure on the left. Reprint from Ref.(10) with permission.

1.1.2

Free-energy-based modeling of cell contractility

The tensile forces applied by the actomyosin stress fibers on the FA can stabilize the whole
structure as well as trigger a variety of biochemical events as shown in Figure 1-3. One
example is the conformational changes of vinculin and p130Cas that expose binding sites
2

of Src-family kinases (SFKs) (12, 13). SFKs act on Rho-GTPases by controlling the
activity of guanine nucleotide exchange factors (GEFs) and GTPase activating proteins
(GAPs). Increased activity of Rho promotes phosphorylation of myosin phosphatase
targeting protein (MYPT) and, ultimately, down-regulates motor unbinding from the stress
fiber (14). Meanwhile, the appearance of contractile forces can also trigger Ca2+ flux into
the cytoplasm which facilitates the binding of myosin motors to the cytoskeleton (15).
Clearly, these observations show positive feedback between cell contractility and the
growth of FAs. To capture such mechano-chemical coupling in a simple manner, we
proceed by expressing the contractile stress as (16): 𝜎 = 𝜌 + 𝐾𝜀, where 𝜀 and 𝐾 represent
the strain and passive stiffness of stress fibers while 𝜌 corresponds to the density of forcedipoles (representing myosin motors) in the contracting filaments. The contractility itself
depends on the mechano-chemical coupling discussed above (i.e. the positive feedback)
and can be written (16) as,
𝜌=

𝛽𝜌0
𝛼𝐾 − 1
+
𝜀
𝛽−𝛼
𝛽−𝛼

(1-1)

with 𝜌𝑎0 being the base-line contractility of cells in the absence of external
stress/constraints, 𝛼 and 𝛽 representing mechano-chemical coupling parameters reflecting
the molecular mechanisms that regulate the stress-dependent signaling pathways and
engagement of motors respectively and satisfy the criterion (16) that 0 < α/β < 1 . From
Eq. (1-1), it is clear that higher contractile stresses will be generated for larger feedback
parameter values, i.e. when α → β. 𝜀 stands for the cellular strain and can be calculated
with an appropriate constitutive model for the ECMs.
3

The one-dimensional model can be generalized to obtain contractile stress in threedimensional environments. Similar to its 1D version, the cell contractility is modeled by
considering the contributions from both active contractile (myosin motors) and passive
(cytoskeleton) components. The contractile stress 𝜎𝑖𝑗 is related to the 𝜀𝑖𝑗 by
𝜎𝑖𝑗 = 𝜌𝑖𝑗 + (𝐾𝜀𝑘𝑘 𝛿𝑖𝑗 + 2𝜇𝜀̃𝑖𝑗 )

(1-2)

Figure 1-3 The actomyosin activity in the cell is mediated by mechano-chemical processes,
such as the rho-ROCK and calcium mediated pathways. Figure is adapted from (16).
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Here 𝜀𝑖𝑗 and 𝜎𝑖𝑗 are the volumetric components of the strain and stress tensors respectively,
𝜀̃𝑖𝑗 is the deviatoric components of the strain. 𝐾 and 𝜇 denote the bulk modulus and shear
modulus of the passive components. 𝜌𝑖𝑗 is the motor density and can be expressed as
𝜌𝑖𝑗 =

𝛽𝜌0
𝐾𝛼 − 1/3
2𝜇𝛼 − 1
+
𝜀𝑘𝑘 +
𝜀̃
𝛽−𝛼
𝛽−𝛼
𝛽 − 𝛼 𝑖𝑗

(1-3)

Here 𝜌0 is the motor density. 𝛼 and 𝛽 denote mechano-chemical coupling parameters
(with the criterion 0 < 𝛼/𝛽 < 1) regulating stress-dependent signaling pathways and
engagement of motors respectively.

1.1.3

Modeling of Extracellular Matrix (ECM)

As mentioned earlier, cells sense the mechanical properties of the extracellular
environments and therefore modulate their contractility through biophysical and
biochemical pathways. On the other hand, the deformations induced by cells remodel the
ECM, particularly for those fibrous ECMs. This remodeling behavior further leads to
changes in the mechanical properties of the ECM, which will alter cellular mechanosensing
and trigger associated signaling activities. Obviously, to understand the cell behaviors
associated with mechanosensing, it is very important to have a state of art model that can
capture the intrinsic features of the ECMs.
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Abhilash et al proposed a fibrous network model that captures fiber realignment,
heterogeneous deformations, and long-range force transmission, which are observed
experimentally (17). With the insight from the fiber level simulation, Wang et al
established a constitutive model for fibrous material from an energy-based approach (18).
Both well-behaved models are able to capture the important features of fibrous ECMs such
as strain stiffening and long-range force transmission. The displacement field induced by
a single breast cancer cell (as shown in Figure 1-4a) was replicated perfectly with the
application of the fibrous model (Figure 1-4b). Obviously, predictions from the traditional
nonlinear elastic model and linear elastic model are way deviated from the experimental
results as shown in Figure 1-4a.

Figure 1-4 (a) Single-cell traction force measurements. Each arrow indicates the
displacement of a fluorescent bead bonded to a collagen fiber in the vicinity of the cell. The

cell is rendered in magenta. (b) Bead displacements within a 15-µm-radius region along the
cell’s major axis are plotted vs. their position along the cell’s major axis. The solid lines are
predicted displacement field from fibrous nonlinear model (red), nonlinear elastic model
(black) and linear elastic model (blue). Figures are adapted from (186).
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1.1.4

Transendothelial migration of cells

While the metastatic disease is widely recognized to be responsible for the vast majority of
the mortality due to cancer (19, 20), our understanding of the various steps of metastasis
remains incomplete. Part of the reason for this is that we lack appropriate models, either
in vivo or in vitro, to probe these steps in detail while maintaining tight control of the local
environment. These essential processes – tumor cell (TC) dissemination from a primary
tumor, intravasation into the circulation, extravasation at a remote site, and recolonization
– are inherently complex, involving 3D environments with multiple interacting cell types.
Here we focus on one of these critical steps, TC extravasation across the endothelial
monolayer as shown in Figure 1-5. The existing paradigm is that circulating TCs adhere
to or become trapped in the vasculature of various organs, actively transmigrate into the
surrounding tissue and over time, establish metastatic tumors. While the rate-limiting step
in this process is not known, two critical stages are the adhesion to and transmigration
across the vascular endothelium.

While we know relatively little about the details of extravasation, recent in vitro studies
have elucidated a process beginning with tumor cell arrest in the microcirculation and the
formation of protrusions that reach across the endothelial monolayer, accompanied by
polarization of tumor cell actin and activation of beta-1 integrins to generate firm adhesions
(21, 22). This is rapidly followed by actomyosin contraction to generate the forces needed
to pull the remaining cell body across the monolayer. Similarly, during invasion into tissues,
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tumor cells use actomyosin activity to squeeze through tight interstitial spaces (23). During
these processes, the cell size, rheological properties and the geometric parameters
associated with the extracellular environment dictate the maximal rate at which the cell can
transmigrate and change its shape (24, 25). The nucleus, being the largest and the stiffest
organelle within the cell, is a physical constraint to migration and may be a rate-limiting
factor for cellular deformations during cell migration through 3-dimensional (3D)
constrictions that are smaller or comparable to the nuclear cross section (26–28). On the
other hand, since the nucleus houses the genetic machinery of the cell, changes in the
nuclear morphology and positioning within the cytoplasm during the migration can
influence the phenotypic profile of the cell (29, 30). For instance, it has been recently
shown that in addition to the ability of cells to dramatically squeeze their nuclei to pass
through small constrictions, cells utilize components of the ESCRT (endosomal sorting

Figure 1-5 The cancer cell must deform to sub-nuclear sizes to cross the endothelial wall
of the blood vessel. On the right, an MDA-MB-231-GFP cancer cell is shown extravasating
into the tissue from the lumen of a microvascular network in the in-vitro microfluidic assay.
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complexes required for transport) machinery to repair the concomitant damage to their
nuclear envelope (NE) and DNA that occur during confined migration (31, 32).

1.2 The goals of this thesis
The main goal of this thesis is to use a modeling approach to understand the cross-talk
between the cell and extracellular environment and explain the cell behavior in response to
multiple mechanical stimuli. This thesis is focused on the biological phenomenon at two
different scales: focal adhesion evolution (subcellular level) and cell deformation during
transmigration (cellular level). Different physical and biological problems, including force
transmission through the cell-ECM interface, impact on cell behavior induced by the
nonlinear mechanical behavior of the fibrous materials and morphology of nucleus during
cell transendothelial migration are studied. The specific objective of each chapter is as
follows,
1.2.1

Modeling of focal adhesion size regulated by ECM and nuclear rigidity.

Focal adhesion (FA) is a multilayer transmembrane protein complex that connects cell and
ECM. The mechanical response of focal adhesion depends on its structural organization
and physical quantities such as the cross-link’s mechanical properties (in this case the
integrins), density and the ECM mechanical properties. One computationally efficient
approach to assessing the performance of such a multilayer structure is the shear-lag model
(SLM), which focuses on the transfer of tensile stress from the matrix to fibers via
interfacial stresses (33). Given that FA primarily experiences tensile load, the SLM may
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be a useful tool in predicting its mechanical properties. Having an analytical model that
can predict the dependence of these parameters can obviate the need for expensive 3D
simulation and also provide physical insights into the role of different load bearing
components. On the other hand, the formation and function of FAs are regulated by cell
cytoskeleton contraction, which is tuned by the stiffness sensed through FA (4–9, 34).

In Chapter 2, the SLM is incorporated to determine the effective stiffness of FA as a
function of the material properties such as ECM stiffness, and the geometry properties such
as FA size. Furthermore, the predictions from SLM is combined with a simple forcedependent growth behavior to predict the favorable FA size under different rigidities of
nucleus and ECM.

1.2.2

Predicting regulation of FA formation by cell-mediated fiber recruitment in fibrous
ECMs

The structure organization of the fibers in the ECM plays a crucial role in determining the
mechanical properties of tissues. The interaction between fibrous ECM and cells depend
on the mechanical and microstructural properties of the matrix such as matrix rigidity (35),
fiber alignment (36–38), interfibrillar pore size (39) and density of cell adhesive ligands
(40). Fibers in the ECM are aligned randomly in the absence of external forces. During
uniaxial stretching of the matrix, at a tensile strain below a critical threshold (typically ~
5%), the matrix shows “non-affine” deformation, meaning that the bending and sliding of
10

the fibers are the dominant contributors to the mechanical response of the matrix. Beyond
the critical strain, the fibers become aligned with the direction of the maximal principal
stretch (17, 18). With increased loading, the fibrous matrix exhibits strong nonlinear
behavior, becomes considerably aligned (anisotropic) and “strain-stiffen” in the direction
of the maximum principal strain (17, 18).

Many cells reside within three-dimensional (3D) fibrous scaffolds in vitro where the
density and diameter of fibers can vary depending on the nature of the tissue (41–43). The
local architecture of these fibrous networks may change significantly when cells exert
forces on them, leading to phenomena such as non-linear stiffening, reorientation and
physical remodeling of the ECM (17, 18). To understand cell behavior such as spreading,
migration and proliferation in vitro, these non-linear behaviors need to be taken into
consideration.

In Chapter 3, we extend the 1D FA model to a multiscale 3D version to study the FA
evolution in fibrous matrices. Specifically, we take the insights from both discrete and
continuous modeling of fibrous matrices (17, 18) and build a coarse-grained model for the
fibrous ECM to include the local architecture (ligand density) change due to cell
contraction. Our model explains how cell-driven fiber recruitment can lead to a departure
from the monotonic stiffness versus cell spreading relationship observed in conventional
hydrogels.
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1.2.3

Modeling nuclear morphology and stresses during cell transendothelial migration

Metastasis is one of the critical, and possibly rate-limiting, steps in the process by which
cancer spreads to metastatic sites from a primary tumor (44, 45). During these processes,
the cell size, rheological properties and the geometric parameters associated with the
extracellular environment dictate the maximal rate at which the cell can transmigrate and
change its shape (24, 25). The nucleus, being the largest and the stiffest organelle within
the cell, is a physical constraint to migration and may be a rate-limiting factor for cellular
deformations during cell migration through 3-dimensional (3D) constrictions that are
smaller or comparable to the nuclear cross section (26–28).

Due to the large strain sustained during transmigration, the nuclear envelope (NE),
consisted of the inner and outer nuclear membranes, nuclear pore complex, and the nuclear
lamina, is under the high chance of rupture. Loss of NE integrity and nuclear pore
selectivity have been linked to the normal aging process and a variety of human diseases,
including cancer (46). Experimentally, Denais et al found that breast adenocarcinoma
cancer cells (MDA-MB-231) experience localized loss of NE integrity mainly at the front
end (32). The NE rupture is later accompanied by protrusion of chromatin through the
nuclear lamina (Figure 1-6a) and DNA damage.
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Figure 1-6 Nuclear confinement causes chromatin herniation and NE rupture. (a) Nuclear
confinement during transmigration, as encountered in extracellular matrix, extravasation
and interstitial spaces, leading to membrane bleb and NE rupture. (b) In cells cultured on
rigid substrates, contractile actin fibers spanning the nucleus compress the nucleus, causing
chromatin herniation and NE rupture. (inset) Sequence of events leading to NE rupture
upon nuclear confinement. (c) Side views of untreated cells (left) and cells in which actin
organization/contractility or LINC complex function are disrupted (right). In normal cell
culture conditions (top), actin or LINC complex disruption releases nuclear confinement
and prevents NE rupture. When external confinement is applied through a compression
device (bottom), cells exhibit NE rupture regardless of treatment. Figures are adapted from
(187).
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In Chapter 4, to reveal the tumor transmigration/invasion process, we developed a model
with essential components including nucleus, actin system (modeled by the active feedback
model), ECM and endothelium layer. The model predicts how nuclear shape and strain
depend on geometric and biophysical parameters, which are crucial to determine the ability
of cancer cells to invade and move through the surrounding matrix. By tuning the model
parameters, our simulations can be adapted to understand cell transmigration for other cells
and matrix systems, such as the extravasation of immune cells into tissues at sites of
infection.

1.2.4

Modeling endothelial junctional gap formation

Intracellular mechanical properties are influenced by the mechanical and biochemical
features of the local cellular microenvironment (47, 48). Mechanics of the
microenvironment has been shown to influence force generation and stiffness of cancer
cells, however, it is not clear how the cells dynamically modulate the properties of the
microenvironment during the process of invasion. The dynamics of endothelial cell-cell
junctions are crucial for the barrier function of the endothelium and play an important role
in the coordinated processes of intravasation and extravasation of cancer cells. However,
chemo-mechanics of endothelial junctional dynamics has not yet been fully explored
through an integrated computational and experimental approach.
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In Chapter 5, we present a chemomechanical model to study the endothelial junctional
integrity with a focus on the roles of cell contractility, the density of VE-cadherins and
their binding dynamics. We identify a feedback loop involving stress-dependent cell
contractility and the effective stiffness of the junctions which plays a critical role in
determining the dynamics and size of endothelial gaps. When the impact of unbinding and
rebinding of VE-cadherins is considered, the model successfully reproduces the three
typical phases observed in our experiments that characterize endothelial cell junction
dynamics, namely, nucleation of gaps, growth, and stabilization, and healing. Small
GTPases (such as RhoA and Rac1) have different roles in the maintenance and stabilization
of the endothelial barrier (49). Our model shows how RhoA activity level presents a biphasic impact on junction disruption and gap formation. By considering the VE-cadherin
density, we predict a phase diagram for junction disruption as a function of RhoA activity
level and VE-cadherin density. Our work provides a quantitative framework to study
endothelial junction integrity and vascular permeability during extravasation and
inflammation.

Finally, for the completeness of this thesis, some additional theoretical and experimental
details will be provided in the APPENDIX.
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Chapter 2 Modeling of Focal Adhesion Size Regulated by ECM and
Nuclear Rigidity
Reprinted (adapted) with permission from Cao, X., Y. Lin, T.P. Driscoll, J. Franco-Barraza,
E. Cukierman, R.L. Mauck, and V.B. Shenoy. 2015. A Chemomechanical Model of Matrix
and Nuclear Rigidity Regulation of Focal Adhesion Size. Biophys. J. 109: 1807–1817.
Synopsis
In this chapter, a chemo-mechanical model describing the growth dynamics of cell-matrix
adhesion structures (i.e. focal adhesions (FAs)) is developed. We show that there are three
regimes for FA evolution depending on their size. Specifically, nascent adhesions with
initial lengths below a critical value that are yet to engage in actin fibers will dissolve,
whereas bigger ones will grow into mature FAs with a steady state size. In adhesions where
growth surpasses the steady state size, disassembly will occur until their sizes are reduced
back to the equilibrium state. This interesting finding arises from the fact that the
polymerization of adhesion proteins is force-dependent. Under actomyosin contraction,
individual integrin bonds within small FAs (i.e. nascent adhesions or focal complexes)
must transmit higher loads while the phenomenon of stress concentration occurs at the edge
of large adhesion patches. As such, the effective stiffness of the FA-ECM complex that is
either too small or too large will be relatively low, resulting in a limited actomyosin pulling
force developed at the edge that is insufficient to prevent disassembly. Furthermore, it is
found that a stiffer ECM and/or nucleus, as well as a stronger chemo-mechanical feedback,
will induce larger adhesions along with a higher level of contraction force. Interestingly,
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switching the extracellular side from an elastic half-space, corresponding to some widely
used in vitro gel substrates, to a 1D fiber (as in the case of cells anchoring to a fibrous
scaffold in vivo) does not qualitative change these conclusions. Our model predictions are
in good agreement with a variety of experimental observations obtained in this study as
well as those reported in the literature. Furthermore, this new model provides a framework
in which to understand how both intracellular and extracellular perturbations lead to
changes in adhesion structure number and size.

2.1 Introduction
To perform functions such as proliferation (1), differentiation (2) and locomotion (3),
living cells establish stable attachments to the extracellular matrix (ECM) via the formation
of specialized receptor mediated contact foci. Among all adhesion structures perhaps the
best known are focal adhesions (FAs), with a molecular structure composed of a diverse
population of structural and signaling proteins. Roughly speaking, individual integrin
receptors, responsible for forming molecular bonds between ECM ligands and intracellular
adhesion proteins, are laterally reinforced by a layer/complex of proteins including vinculin,
paxillin, and talin (10) known as “the adhesome” or an “adhesion patch”. This layer of
proteins is then connected to the cytoskeleton/nucleus of the cell via stress fibers (SFs),
composed of actin filaments and myosin motors. In addition to physically linking the
cytoskeleton to the ECM, FAs also serve as signaling hubs for cells to receive information
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from their microenvironment and hence are believed to play key roles in processes such as
development (50, 51), tumorigenesis (52, 53) and wound healing (54).

Interestingly, besides biochemical factors, accumulating evidence has demonstrated that
the formation and function of FAs are tightly regulated by mechanical cues (4–9, 34). For
example, it has been shown that forces generated by actomyosin contraction are essential
for the stabilization of FAs (34). Furthermore, FAs display directional growth parallel to
an externally applied load (4). Numerous observations also indicate that cells form larger
(and more) FAs on stiffer substrates as well as develop higher intracellular traction forces
(5–9). Various attempts have been made to theoretically explain the force-induced growth
of FAs via thermodynamic arguments (55) or by examining the anisotropic stress/strain
field generated in the adhesion plaque (56, 57). The lifetime/stability of adhesion structures
(i.e., clusters) has also been analyzed by considering the non-uniform load distribution
among molecular bonds as well as their force-modulated association/dissociation kinetics
(58–60). Recently, the question of how ECM rigidity affects integrin dynamics in cells has
been examined by several studies which suggest that a compliant substrate will generally
impair integrin clustering (61, 62) and lead to oscillatory traction forces along with a slow
retrograde flow of F-actin (63, 64).

Despite these aforementioned efforts, several important issues remain unsettled. First of
all, in most existing models, the size of the adhesion plaque is often taken as a constant
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(56–60) or is not included in the formulation (55, 63, 64). In reality, it is conceivable that
small adhesion patches can be nucleated and, depending on factors like its initial size and
the stimuli received, a nascent structure (i.e., focal complex) can either grow into a mature
adhesion (i.e., FA) or totally dissolve (65, 66). Although several attempts (29, 30) have
been made to explain the nucleation, growth, and decay of FAs from a physics point of
view, it appears that a theoretical framework capable of describing the evolution of
adhesion plaques, predicting their steady-state size, and quantifying how the process is
regulated by the mechanical signals received by cells is still lacking. Given that the size of
FAs is believed to significantly affect processes like cell migration (67) and actin
recruitment/polymerization (68), this issue should be of great fundamental and practical
interest. In addition, the question of whether (and how) cells will anchor themselves
differently on a “flat” surface, like synthetic gel substrates with low porosity, or in a fibrous
in vivo-like scaffold has attracted increasing attention experimentally (69, 70). However, it
seems that very few modeling efforts have been spent to address this important issue.
Finally, recent observations also suggested that the physical properties of the cell nucleus
(5, 6) can influence the size of adhesion plaques (i.e., FAs) and intracellular tension levels,
but, to the best of our knowledge, no theoretical explanation has been provided.

To address these concepts, we developed a chemo-mechanical model to describe the
growth dynamics of adhesion plaques where important features such as the actomyosin
feedback and nucleus deformability have all been taken into account. In particular, we
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show that pulling forces large enough to induce further assembly of adhesion proteins can
only be developed at the edge of a plaque when its size is within an intermediate range,
reflecting the fact that integrin bonds within small/nascent focal complexes must transmit
higher loads while the phenomenon of stress concentration will take place at the edge of
large adhesion patches (i.e., stabilizing as FAs). In addition, the model predicts that both
nuclear and ECM rigidities tightly regulate the equilibrium length of fully developed FAs,
with a stiffer surrounding environment or nucleus leading to larger adhesion plaques
coupled with a higher intracellular traction force. Interestingly, switching the extracellular
side from an elastic half-space (i.e., as many in vitro substrate/gels) to a 1D fiber
(simulating in vivo mesenchymal fibrous microenvironments) does not lead to qualitative
changes to these conclusions. Connections between our model predictions and various
experimental observations will also be discussed.

2.2 Methods
2.2.1

Mechanical response of the system

In light of the fact that a FA (consisting of individual integrins that bind to the ECM and
to an intracellular layer/complex of reinforcing actin binding proteins) is connected to the
cell nucleus via the actomyosin stress fiber (Figure 2-1a), a structural model as shown in
Figure 2-1b is adopted here to describe the response of this ECM/FA (including adaptor
adhesome proteins)-Actomyosin-Nucleus assembly. For simplicity, the FA-ECM complex
is treated as a spring (green box in Figure 2-1b) with effective stiffness depending on the
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FA size and mechanical properties of the ECM, as will be illustrated later. In addition, a
contractile element in parallel with a linear spring (blue box in Figure 2-1a) is used to
represent myosin motors in the elastic actin stress fibers. Finally, the cell nucleus is
modeled as another spring to reflect its deformability.

At this point, it is necessary to differentiate two types of extracellular environments a cell
can sense (on its ventral side). For the case of cells anchoring themselves in a scaffold
composed of fibers, such as collagen fibrils with diameters of the order of hundreds of
nanometers (71, 72) that is comparable to the size of FAs, it is reasonable to treat the ECM
as an elastic fiber (Figure 2-1c), given that the entire adhesion structure (i.e., 3D matrix
adhesion) will likely be formed on a single fiber (73). On the other hand, for many synthetic
substrates (such as PDMS and PAA) with low porosity, the anchoring distance between
ECM proteins coated on the surface to induce the formation of cell-ECM adhesion are
generally small. In this case, the cell may not “see” the ventral side as an individual fiber,
but rather as a continuous medium (Figure 2-1d). We proceed by considering both of these
cases in this study.

If the adhesion plaque is treated as an elastic fiber of length, 𝐿, connected to the ECM via
a series of equally spaced springs representing the integrin bonds formed, then the force
generated in the substrate (𝛾𝑠 ) and the plaque (𝛾𝑝 ) can be expressed as 𝛾𝑠 = 𝑘𝑠 𝑑𝑐 𝑑𝑢𝑠 /𝑑𝑥
and 𝛾𝑝 = 𝑘𝑝 𝑑𝑐 𝑑𝑢𝑝 /𝑑𝑥, respectively, where 𝑘𝑠 and 𝑢𝑠 (or 𝑘𝑝 and 𝑢𝑝 ) are respectively the
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stiffness and displacement of the ECM (or the adhesion plaque). Equilibrium requires that
𝛾𝑠 and 𝛾𝑝 must be related to the integrin clutch force 𝛾𝑐 through
𝑑𝑐

𝑑𝛾𝑝 (𝑥)
𝑑𝛾𝑠 (𝑥)
= −𝑑𝑐
= 𝛾𝑐 (𝑥)
𝑑𝑥
𝑑𝑥

(2-1)

with 𝑑𝑐 being the spacing between integrins. Since each integrin bond is modeled as a
spring, 𝛾𝑐 takes the simple form
𝛾𝑐 (𝑥) = 𝑘𝑐 (𝑢𝑝 (𝑥) − 𝑢𝑠 (𝑥))

(2-2)

where 𝑘𝑐 is the effective spring constant of the clutch. Note that, possible sliding-induced
friction between the adhesion plaque and the ECM has been neglected here for simplicity.
It was widely reported that integrin binding can occur within seconds (5, 63, 64), which is
much faster than the assemble of proteins in the FA (taking minutes to complete (74)).
Therefore, in this study, it is assumed that assembly of the adhesion plaque is the ratelimiting step and that new integrin bonds will be rapidly formed as the adhesion plaque
grows. On the other hand, once formed, the integrin-ECM bonds are treated as permanent
unless disassembly of plaque proteins takes place at the corresponding site for the given
time frame. With the help of Eq. (2-2), Eq. (2-1) can finally be simplified to
𝑑 2 𝑢𝑝
= 𝑘𝑐 (𝑢𝑝 − 𝑢𝑠 )
𝑑𝑥 2
𝑑 2 𝑢𝑠
2
𝑘
𝑑
{ 𝑠 𝑐 𝑑𝑥 2 = −𝑘𝑐 (𝑢𝑝 − 𝑢𝑠 )
𝑘𝑝 𝑑𝑐2

(2-3)

We proceed by assuming that the ECM is fixed at one end and free at the other, i.e. 𝑢𝑠 (0) =
0 and 𝑑𝑢𝑠 /𝑑𝑥|𝑥=𝐿 = 0 (refer to Figure 2-1c), while the plaque is pulled by the actomyosin
force 𝑓𝑎 on the side proximal and remains traction-free at the other, that is
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𝑘𝑝 𝑑𝑐 𝑑𝑢𝑝 /𝑑𝑥|𝑥=𝐿 = 𝑓𝑎 and 𝑑𝑢𝑝 /𝑑𝑥|𝑥=0 = 0 (refer to Appendix A1 for a detailed
discussion on the boundary conditions). Solutions of Eq. (2-3), satisfying all the imposed
boundary conditions, can be obtained as
𝑥
𝐿
𝐿−𝑥
𝑥
+ 𝑐𝑠𝑐ℎ ( ) (𝑘𝑝 𝑐𝑜𝑠ℎ (
) + 𝑘𝑠 𝑐𝑜𝑠ℎ ( ))]
𝐿
𝐿
𝐿
𝐿
𝑑𝑐 𝑘𝑝 (𝑘𝑝 + 𝑘𝑠 )
𝑐
𝑐
𝑐
𝑐
𝑓𝑎 𝐿𝑐
𝐿
𝐿
+
(𝑘 𝑐𝑜𝑡ℎ ( ) + 𝑘𝑠 𝑐𝑠𝑐ℎ ( ))
𝑑𝑐 𝑘𝑠 (𝑘𝑝 + 𝑘𝑠 ) 𝑝
𝐿𝑐
𝐿𝑐
𝑓𝑎 𝐿𝑐
𝑥
𝐿
𝐿−𝑥
𝑥
𝑢𝑠 (𝑥) =
[𝑘𝑠 − 𝑐𝑠𝑐ℎ ( ) (𝑘𝑝 𝑐𝑜𝑠ℎ (
) + 𝑘𝑠 𝑐𝑜𝑠ℎ ( ))]
𝐿𝑐
𝐿𝑐
𝐿𝑐
𝐿𝑐
𝑑𝑐 𝑘𝑠 (𝑘𝑝 + 𝑘𝑠 )
𝑓𝑎 𝐿𝑐
𝐿
𝐿
+
(𝑘 𝑐𝑜𝑡ℎ ( ) + 𝑘𝑠 𝑐𝑠𝑐ℎ ( ))
𝑑𝑐 𝑘𝑠 (𝑘𝑝 + 𝑘𝑠 ) 𝑝
𝐿𝑐
𝐿𝑐
{
𝑢𝑝 (𝑥) =

𝑓𝑎 𝐿𝑐

[𝑘𝑝

(2-4)

where 𝐿𝑐 is a characteristic length defined by
𝑘𝑝 𝑘𝑠
𝐿𝑐 = 𝑑𝑐 √
𝑘𝑐 (𝑘𝑝 + 𝑘𝑠 )

(2-5)

This expression gives a length-scale below which force is more or less evenly shared by
the integrins within the plaque, while beyond this length the load will only be transmitted
to integrin bonds within a distance ~ 𝐿𝑐 from the adhesion edge.

Given that the pulling force 𝑓𝑎 is acting at the end of the adhesion plaque, the effective
stiffness of the FA/ECM complex can be defined as
𝑘𝑒𝑓𝑓 = 𝑓𝑎 /𝑢𝐹𝐴

(2-6)

with 𝑢𝐹𝐴 being the displacement of the plaque at 𝑥 = 𝐿, that is,
𝑢𝐹𝐴 = 𝑢𝑝 (𝑥 = 𝐿) =

𝑘𝑝 𝑘𝑠
𝑓𝑎 𝐿𝑐
𝐿
𝐿
𝐿
[ + 2 csch ( ) + ( + )coth( )]
𝑑𝑐 (𝑘𝑝 + 𝑘𝑠 ) 𝐿𝑐
𝐿𝑐
𝑘𝑠 𝑘𝑝
𝐿𝑐

23

(2-7)

If, on the other hand, the ECM is treated as a continuous medium (Figure 2-1d), then the
Green’s function for an elastic half-plane (75) can be used to relate the integrin clutch force
to the substrate displacement (refer to Appendix A1). The governing equations in this case
become,
𝑑 2 𝑢𝑝
= 𝑘𝑐 (𝑢𝑝 − 𝑢𝑠 )
𝑑𝑥 2
𝐿
1+𝜈 1
𝑢𝑠 (𝑥) = ∫
𝑘𝑐 [𝑢𝑝 (𝑡) − 𝑢𝑠 (𝑡)]𝑑𝑡
0 𝜋𝐸𝑠 |𝑥 − 𝑡|
{
𝑘𝑝 𝑑𝑐2

(2-8)

where 𝐸𝑠 and 𝜈 are the elastic modulus and Poisson’s ratio (taken to be 0.5 since most
biological materials are known to be incompressible) of the ECM. Since closed-form
solutions for the elastic fields cannot be derived in this case, numerical techniques are
employed to obtain the relationship between 𝑓𝑎 (that is, the pulling force acting on FA) and
𝑢𝐹𝐴 (i.e. the substrate displacement at the location where the force is applied. This allows
us to estimate the apparent stiffness of the FA, 𝑘𝑒𝑓𝑓 , defined in Eq. (2-6). Specifically, in
this study, numerical simulations were carried out using the finite-element package
COMSOL where an elastic fiber (representing the adhesion plaque) was pulled at one end
on a large elastic substrate, with springs connecting them (refer to Appendix A1 for details).

Finally, to determine the magnitude of 𝑓𝑎 , recall that the actomyosin network is represented
by a contractile element in parallel with a linear spring (Figure 2-1b). Using mechanical
force balance shown in Figure 2-1b, we have
𝑓𝑎 = 𝑓0 − 𝑘𝑎 (𝑢𝐹𝐴 − 𝑢𝑁 ) + 𝛽𝑓𝑎
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(2-9)

where 𝑓0 stands for the base level contractile force generated by myosin motors (assumed
to be functioning at the stall state), 𝑘𝑎 represents the stiffness of stress fiber and the
feedback parameter β > 0 is introduced here to account for the possibility that more stressfibers can be formed (leading to a higher contraction force) as FA matures (76). Since the
nucleus is simplified as a spring (with a spring constant 𝑘𝑁 ), its displacement under
actomyosin contraction is
𝑢𝑁 = −

𝑓𝑎
𝑘𝑁

(2-10)

Combining Eqs. (2-6), (2-9) and (2-10), the pulling force generated by actomyosin can be
obtained as,
𝑓𝑎 =

𝑓0
𝑘
𝑘
1 − 𝛽 + [ 𝑎 + 𝑎]
𝑘𝑒𝑓𝑓 𝑘𝑁
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(2-11)

Note that the pulling force increases with increasing feedback parameter and with
increasing nuclear stiffness and the effective stiffness of the adhesion plaque, which in turn
depends on its length and the stiffness of the ECM.

Figure 2-1 (a) Schematic representation of the cell-to-ECM adhesions. (b) Structural
model of the ECM/FA-Actomyosin-Nucleus assembly. Two types of ECM are considered

in this study: a 1D elastic fiber (c) and a continuous elastic medium (d), in which 𝑑𝑐
indicates integrin spacing and adhesion plaque is assumed to consist of the units of plaque
protein complex (green block) and integrin (red spring).
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2.2.2

Growth dynamics of the adhesion plaque

With the elastic fields within the FA at hand, we can now consider its growth via
recruitment of additional adhesion proteins (e.g vinculin, talin, paxillin) into the plaque.
To simplify the analysis, we proceed by assuming that protein recruitment/disassembly can
only take place at the ends of the plaque as suggested in other models (56) and progresses
in a quasi-equilibrium manner. In addition, we express the chemical potential difference of
a segment of protein (with length 𝑑𝑐 ) assembled into the plaque and in the cytosol as,
Δ𝜇 = 2Δμ0 + ΔEre

(2-12)

where Δμ0 is the chemical potential change in the absence of mechanical load (factor 2
comes from the fact that the plaque can grow at either end), and ΔEre is the mechanical
contribution (55), that takes the form
ΔEre = −𝑓𝑎 𝑑𝑐

(2-13)

consistent with experimental observations (77) that tensile force promotes FA assembly
and stabilization. Following the classical theory of linear kinetic relation, the plaque
recruitment flux 𝐽 (i.e. the FA growth rate) can be related to Δ𝜇 as
𝐽 = −𝐷Δ𝜇

(2-13)

where 𝐷 is a constant describing the kinetics of protein assembly. In steady state, the
plaque will possess a constant size and hence 𝐽 = 0.

27

The values of parameters adopted in this study along with their sources are listed in Table
2-1. In addition, the physical meanings of all of the other variables in our model are also
gathered in Table 2-2.

Table 2-1 List of parameters used in the model.
Model
Parameter

Description

Typical
Value

𝐸𝑠

Substrate modulus

~1~50 kPa

𝑘𝑠

Substrate stiffness

~1-100
pN/nm

𝑘𝑐

Integrin stiffness

5 pN/nm

𝑘𝑝

Plaque stiffness

1 pN/nm

𝑑𝑐

Integrin spacing

~100 nm

𝑓0

Actin pulling force
without feedback

~100 pN

𝑘𝑎

Actin stiffness

~50 pN/nm

𝛽

Feedback coefficient

0-1

𝑘𝑁

Nuclear stiffness

10-50 pN/nm

𝛥𝜇0

The energy barrier for
protein recruitment
without mechanical load

10-250 𝑘𝐵 𝑇
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Source
Typical modulus of hydrogels
used as ECM (69, 74)
Estimated collagen fiber
stiffness from experiment (71,
72, 78)
Estimated from Fisher et al.,
1999, of the order of pN/nm
(79)
Estimated from Fisher et al.,
1999, of the order of pN/nm
(79)
H. Kessler, et al. 2006, 108 nm
(80)
G. Oster et al. 2003, 0-200 pN
(81)
T. Yanagida et al., 1994, 43.765.3 pN/nm (82)
Free parameter
Estimated from the
experiment, of the order of
pN/nm (83, 84)
From A. Nicolas, et al (56)

Table 2-2 Variables and their physical meaning.
Model Variables
𝛾𝑠
𝛾𝑝
𝐿𝑐
𝑘𝑒𝑓𝑓
𝑢𝑝
𝑢𝑠
𝑢𝐹𝐴
𝑢𝑁
𝑓𝑎
Δ𝜇
𝐽

Physical meaning
Force in the substrate (ECM)
Force in the FA plaque
Characteristic length for force transmission
The effective stiffness of the FA-ECM complex
FA plaque displacement
Substrate (ECM) displacement
FA displacement at the proximal end
Nuclear displacement
Contractile force generated by actin
The chemical potential difference of adding one
protein complex segment to the FA plaque
FA plaque recruitment flux

2.3 Results
2.3.1

The stiffness a cell senses increases first and then decreases as FA grows in size.

A quantity of key interest is the effective stiffness (𝑘𝑒𝑓𝑓 ) of FA-ECM complex, which
physically represents the apparent mechanical stiffness of the extracellular environment
that a cell senses. This parameter is plotted in Figure 2-2a and Figure 2-3 both as a
function of FA size at different ECM rigidities, with the extracellular portion of the
adhesion treated as either an elastic fiber or a continuous half-space. Interestingly, in both
cases, 𝑘𝑒𝑓𝑓 reaches a maximum at a certain intermediate FA size. The major difference
between the two descriptions is that this quantity will undergo monotonic decreases as the
size of the FA further increases if ECM is modeled as a 1D fiber. Conversely, when the
ECM is treated as a continuous medium, 𝑘𝑒𝑓𝑓 will eventually reach a saturation value as
the FA becomes very large (Figure 2-2b). We must point out that the overall trends of our
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predictions will not change if contractile force is taken to be distributed uniformly over the
adhesion, instead of only acting at the right edge (refer to the Appendix A1).

To better understand this key observation, the force distribution among integrin bonds,
connecting the adhesion plaque to the elastic half-space (i.e. the ECM) was examined. As
shown in Figure 2-2c, integrins carry the load evenly for small FAs. The load carried by
each integrin decreases as more integrins get engaged and the FA becomes larger, which
results in a smaller deformation of both integrins and the ECM. For this stage, the 𝑘𝑒𝑓𝑓
increases as the FA grows. On the other hand, force concentration at the edge occurs in
large FAs. That is, the integrin bonds at the proximal tip will be subjected to a
disproportionally large force, and as FA grows the force becomes more concentrated.
Higher localized load distributions induce larger substrate deformations at the distal tip,
which leads to a lower stiffness of the FA. These observations explain why a maximum
value of 𝑘𝑒𝑓𝑓 is achieved when the adhesion size is at an intermediate level. Furthermore,
Figure 2-2c demonstrates that the load distribution near the edge of an even larger FA
actually becomes insensitive to its size (with interior integrin clutches carrying basically
zero load), which corresponds to the saturation value of 𝑘𝑒𝑓𝑓 observed in Figure 2-2b. The
monotonic decrease of 𝑘𝑒𝑓𝑓 (after reaching its peak) shown in Figure 2-2a is caused by
the fact that as the adhesion structure grows, the effective length of the engaged ECM fiber
is also increasing (see Appendix A1 for a detailed discussion). Nevertheless, the value of

30

𝑘𝑒𝑓𝑓 remains finite even when the FA size is extremely large (e.g. when L = 10 µm, refer
to Figure A1-1).

Figure 2-2 The effective stiffness of a FA as a function of its size and ECM stiffness which
in (a) is treated as an elastic fiber and in (b) is modeled as an elastic medium; the red dashed
lines indicate the three distinct regimes based on distribution of integrin forces (c): I. equal
sharing stage for small FAs where integrins share the load evenly. A larger FA in this
region will lead to lower force on each integrin, resulting in a decreased integrin and ECM
displacement at the edge, and hence a monotonic increase of keff; II. force concentration
stage for intermediate FAs in which force concentration takes place at the edges, hence, a
larger FA leads to a more localized force, as well as increased ECM deformation, at the
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adhesion edge, eventually resulting in a lower keff; III. Saturation stage for very large FAs
where the distribution of integrin force at the adhesion edge becomes insensitive to the FA
size (when ECM is treated as a continuous medium), leading to a saturated value of keff.
Notice that the three regimes defined here are also indicated in (a) and (b), and all
displacements given here are measured at the right edge (i.e. x=L).

2.3.2

FA plaque recruitment is divided into three regimes by two important sizes:

nucleation size and stable size.
The generic shape of the plaque recruitment flux J, as a function of FA size, is given in
Figure 2-3a. An immediate observation from this prediction is that the value of J is positive
only when 𝐿𝑛𝑢 < 𝐿 < 𝐿𝑠𝑡 where 𝐿𝑠𝑡 stands for the stable size of the plaque while 𝐿𝑛𝑢 can
be understood as the critical size a nascent plaque must overcome in order to initiate
elongation (i.e., minimum nucleation size). The plaque dynamics can be divided into three
regimes as depicted in Figure 2-3a. Newly nucleated FAs with sizes smaller than 𝐿𝑛𝑢 will
dissemble and eventually disappear (i.e., as described for unstable nascent focal complexes
(85)). In comparison, a small FA will increase in size towards a stable length once it passes
this critical value. Larger FAs (𝐿 > 𝐿𝑠𝑡 ), on the other hand, are predicted to shrink until
they reach the stable size. Figure 2-3c shows how the ECM (a 1D fiber) rigidity influences
the growth rate of FAs. Our model suggests that the stable structure/plaque size increases
monotonically as the external environment becomes stiffer, in agreement with recent
experimental observations (6), while the critical size decreases, indicating more adhesions
would form on the stiffer environment. In addition, Figure 2-3c also shows that the
adhesion plaque can grow faster (i.e. with a larger J) on a stiffer ECM for large FAs. Notice
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that, due to random factors like variations in the surface topology and chemistry of the
ECM, the sizes of FAs in reality will not be uniform but are expected to be distributed
around the stable value predicted here.

This interesting finding can be understood by examining the intracellular tension levels
predicted by the model under each configuration. As illustrated in Eq. (2-11), larger
contractile forces will develop when cells sense a stiffer environment, with this stiffness
input originating either from a more rigid nucleus or a stiffer FA/ECM complex (Figure
2-3b, top). Consequently, our model predicts that there exists an optimum size for FA to
induce maximum intracellular traction force (Figure 2-3b, bottom), corresponding to the
peak value of 𝑘𝑒𝑓𝑓 shown in Figure 2-2a and Figure 2-2b. Given that 𝑓𝑎 is the driving
force for plaque growth (refer to Eq. (2-12 to 2-14)), this explains why the recruitment flux
J will be large for FAs with intermediate sizes as well as why this quantity increases with
higher ECM or nuclear rigidity (Figure 2-3a, Figure 2-3c and Figure 2-3d).

It must be pointed out that similar growth rate – size relationship for FAs (as illustrated in
Figure 2-3a), as well as the conclusion that more and larger adhesions will be induced by
stiffer substrates, has also been obtained by Walcott and co-workers (86). However, unlike
the present study, the ECM was essentially treated as an array of uncoupled springs,
capable of binding to integrins, in their model and the actin force was assumed to be applied
in the vertical direction. Furthermore, their model predicts that the rate of adhesion
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growth/decay will be ECM – stiffness independent, in direct contrast to our results.

Figure 2-3 (a) Generic shape of the plaque recruitment flux (𝐽) as a function of FA size,
from which two quantities of central interest, i.e. the critical size for nascent adhesions
develop into mature ones and the stable size for a fully developed FA, can be identified. 𝐽
is positive only when the plaque size is between these two values. (b) Higher actomyosin
pulling force is induced by a stiffer ECM/FA complex and/or a more rigid nucleus (top);
for a given surrounding environment and nuclear property, the actin force will always reach
its maximum at an intermediate FA size (bottom). Influence of the size of FA on its growth
rate on fibrous (c) and continuous ECM (d) show that larger FAs will be formed on stiffer
substrates.
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2.3.3

Cells attached to stiffer cell-derived fibrous ECM substrates build longer FAs.

To validate the predicted increase in adhesion structure size, we utilized well characterized
in-vivo mimetic cell-derived fibrous ECMs (73, 87). In this system, the physiologic
difference between the cells producing the ECM result in fibrous ECM of different stiffness
(88). Isogenic human fibroblasts were used to produce the relatively soft and stiff ECMs
and cells that had produced the soft ECMs were cultured overnight on both fibrous
substrates. As predicted, results revealed the formation of larger (45.87%, P<0.0001)
adhesion structures formed by cells cultured into the relatively stiffer ECMs compared to
the length of the structures formed by the same cells cultured within the softer ECM
(Figure 2-4a and Figure 2-4b). Specifically, the stable FA size predicted by our model
will decrease from 5.25 μm to 3.5 μm when the ECM rigidities changes from 7.5 kPa to 5
kPa, which is in good agreement with our observations here (i.e. these two values were
measured to be around 5.1 μm and 3.5 μm, respectively). Moreover, nuclei
shape/deformability was observed in response to stiffening of the ECM (2 to 5 kPa in soft
vs 5 to 15 kPa in stiff which simulate many normal vs tumoral microenvironments in vivo
(88). Cells showed increased elliptical (18.82%, P=0.0005) nuclear shape within a stiffer
ECM (Figure 2-4a and Figure 2-4c). As the model suggests that more adhesions will form
on stiffer ECMs (as verified by data shown in Figure 2-4b), we expect that the force
exerted on the nuclei will be larger on stiffer ECMs, leading to a more pronounced shape
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change of the nuclei which is consistent with the experimental findings and shown in
Figure 2-4c.

Figure 2-4 Cells form larger adhesion structures on stiffer fibrous ECMs. Primary human
fibroblasts cultured within soft (a, top two panels), or stiff (a, bottom two panels) fibrous
ECMs (red), display increased length of integrin -labeled adhesion structures (green on left
and corresponding monochromatic on right panels), while an elongated nucleus is shown
in blue. Inserts show magnifications of digitally recognized adhesion structures (purple)

corresponding to the areas marked by the provided asterisks. Fiber length measurements
of adhesion structures (i.e., FA) revealed a larger mean for cells cultured on stiff -ECM (b).
Analysis of the Elliptical (Ell) form factor is shown in (c).
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2.3.4

Cells with stiffer nuclei have a lower barrier for FA formation and assemble larger

FAs
Our model also predicts a dependence of FA size on nuclear stiffness. As has been
illustrated by several publications, some FAs are linked to basilar stress fibers, while others
connect with the nucleus (89). Those that interact with the nucleus, a stiff, but deformable
object in the cell, are likely influenced by the structural and mechanical properties of this
organelle. As shown in Figure 2-5a, cells that have a stiffer nucleus would be predicted
to have a smaller critical FA recruitment size, meaning that the energetic barrier to FA
formation would be lower. Similarly, the model predicts that a stiffer nucleus would also
lead to a larger stable FA size. It is known that the nucleus is physically connected to stress
fibers via the LINC complex (Linker of Nucleoskeleton and Cytoskeleton). One specific
LINC complex component that is known to regulate force transfer to the nucleus is nesprin
1 giant (N1G) (90). To simulate the effect of decreased nuclear connectivity to the
cytoskeleton (as would occur with nesprin 1 giant knockdown), the nucleus was removed
from the model altogether (Figure 2-5a, N1G). Under these circumstances, the model
predicts an increase in stable focal adhesion size and decrease in nucleation size.

To confirm these model predicted results experimentally, and to determine the influence
of the nucleus on FA size, nuclear connectivity to the cytoskeleton was eliminated via
knockdown of N1G. Consistent with the model prediction, knockdown of N1G resulted in
a significant increase in both the average size (Figure 2-5b) and an average number
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(Figure 2-5c) of FAs in each cell. Essentially, knockdown of N1G in this context is
comparable to replacing the deformable nucleus in our model with a rigid body.

Figure 2-5 Nuclear stiffness influences maximum FA growth rate and stable size (a).
Adhesion average size (b) and adhesions per cell (c) both increase for N1G knockdown
cells. Decoupling the actin pulling force and the deformable nucleus results in an increase
in both average adhesion size and number of FAs per cell. Mean +/- SEM, # p<0.05, **
p<0.01, n=7-10 cells/group.
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2.3.5

Increased contractility leads to a small drop in the FA nucleation barrier and a

significant increase in stable FA size.
It is well-documented that cell contractility is essential for the formation of FAs,
independent of ECM stiffness. Our model predicts that for cells with a lower actin pulling
force (i.e. weaker contractility), the nucleation barrier for FAs will be larger while their
steady-state size will become smaller (Figure 2-6). Our previous experimental
observations (88) show that FA sizes for Cav1 knockout mouse embryonic fibroblasts
(contractility reduced cells) are significantly smaller than wild type fibroblasts, which is
consistent with our model predictions.

Figure 2-6 Increased contractility results in larger stable FAs and a smaller FA nucleation
barrier.
2.4 Conclusions
In this study, we developed a chemo-mechanical model to predict the growth of adhesion
plaques, a process strongly influenced by the assembly of adhesion proteins as well as the
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stress build-up in the plaque itself (induced by actomyosin contractions). Main findings
obtained here are summarized as follows:
•

FA recruitment is divided into three regimes by two quantities of key interest, i.e.
the stable size and the critical size. Nascent FAs smaller than a critical size dissolve,
while bigger ones grow to a mature state, whose size is limited by the stable size.
Meanwhile, FAs that are too large disassemble until their sizes reduce to the stable
size. Using realistic parameter values, these two sizes (length along FA long axis)
were predicted to be ~0.02 μm and ~2 μm, respectively for NIH 3T3 fibroblasts
cultured on a PAA gel substrate with a shear modulus of 16 kPa, in agreement with
experiments (74).

•

We quantitatively demonstrated how the aforementioned stable and nucleation
sizes are influenced by the incorporation dynamics of adhesion proteins as well as
the deformability of the substrate, the nucleus and the plaque itself. In particular,
we found that a stiffer substrate will lead to bigger plaques. In addition, with
increasing substrate rigidity, more adhesions are predicted to form as a result of the
diminishing nucleation size. These predictions are consistent with our experimental
results (as shown in Figure 2-4a, Figure 2-4b, and Figure 2-4c) and other existing
results in the literature (5, 7). As for nucleus stiffness, similar effects were found,
where a stiffer nucleus led to a larger FA stable size and a smaller critical size.
Again, this conclusion is verified by our experiments as shown in Figure 2-5.

•

Interestingly, the model also predicts that the growth of the plaque is significantly
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influenced by contractility (See supporting material). Specifically, high levels of
contractility will lead to bigger plaques, which is in agreement with previous
observations (88). Additionally, more adhesions are expected with increasing
contractility, due to the decreasing nucleation size. These predictions compare
favorably with the findings that low contractility leads to decreased vinculin
recruitment (91).
To make these predictions/findings transparent, the influence of key parameters on the
formation of FAs is gathered in Table 4-1.
Table 4-1 Influence of key parameters on the characteristics of FAs. The plus sign means
the corresponding characteristic is increasing with the increase of the parameter and vice
versa for the minus sign.
Characteristics of
FAs
𝐿𝑛𝑢 --FA critical size
𝐿𝑠𝑡 --FA stable size
Number of FA

Key parameters
𝑘𝑠 --ECM stiffness ( − ), 𝑘𝑁 --nucleus stiffness ( − ), 𝑓0 -contractility (−)
𝑘𝑠 --ECM stiffness ( + ), 𝑘𝑁 --nucleus stiffness ( + ), 𝑓0 -contractility (+)
𝑘𝑠 --ECM stiffness ( + ), 𝑘𝑁 --nucleus stiffness ( + ), 𝑓0 -contractility (+)
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Chapter 3 Predicting Regulation of FA Formation by Cell-mediated Fiber
Recruitment in Fibrous ECMs
Reprinted (adapted) with permission from Cao, X., E. Ban, B.M. Baker, Y. Lin, J.A.
Burdick, C.S. Chen, and V.B. Shenoy. 2017. Multiscale model predicts increasing focal
adhesion size with decreasing stiffness in fibrous matrices. Proc. Natl. Acad. Sci. U. S. A.
114: E4549–E4555.
Synopsis
We describe a multiscale model that incorporates force dependent mechanical plasticity
induced by inter-fiber crosslinks breakage and stiffness dependent cellular contractility to
predict focal adhesion (FA) growth and mechanosensing in fibrous extracellular matrices
(ECM). The model predicts that FA size depends on both the stiffness of ECM and the
density of ligands available to form adhesions. While these two quantities are independent
in commonly used hydrogels, contractile cells break crosslinks in soft fibrous matrices
leading to recruitment of fibers, which increases the ligand density in the vicinity of cells.
Consequently, while the size of focal adhesions increases with ECM stiffness in nonfibrous and elastic hydrogels, the plasticity of fibrous networks leads to a departure from
the well-described positive correlation between stiffness and FA size. We predict a phase
diagram that describes the non-monotonic behavior of FA in the space spanned by ECM
stiffness and recruitment index, which describes the ability of cells to break crosslinks and
recruit fibers. The predicted decrease in FA size with increasing ECM stiffness is in
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excellent agreement with recent observations of cell spreading on electrospun fiber
networks with tunable crosslink strengths and mechanics. Our model provides a framework
to analyze cell mechanosensing in non-linear and inelastic ECMs.

3.1 Introduction
Focal adhesions (FA) are large macromolecular assemblies through which mechanical
force and regulatory signals are transmitted between the extracellular matrix (ECM) and
cells. FAs play important roles in many cellular behaviors, including proliferation,
differentiation and locomotion, and pathological processes like tumorigenesis and wound
healing (47, 52, 54, 92). For this reason, intense efforts have been devoted to understanding
how key signaling molecules and ECM characteristics influence the formation and growth
of FAs. In particular, in vitro studies using elastic hydrogels have shown that forces
generated by actomyosin contraction are essential for the stabilization of FAs (4, 93).
Numerous observations have convincingly demonstrated that cells form larger FAs as well
as develop higher intracellular traction forces on stiffer ECMs (7, 68), evidencing the
mechanosensitive nature of FAs which has been quantitatively modeled using different
(continuum, coarse-grain and molecular) approaches (94, 95).

It must be pointed out that in all of the aforementioned investigations, the substrates
considered were flat (2D) and linear elastic. However, in vivo, many cells reside within
three-dimensional (3D) fibrous scaffolds where the density and diameter of fibers can vary
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depending on the nature of the tissue (41–43). The local architecture of these fibrous
networks may change significantly when cells exert forces on them, leading to phenomena
such as non-linear stiffening, reorientation and physical remodeling of the ECM (17, 18).
Interestingly, our recent study on cells in synthetic fibrous matrices with tunable mechanics
and user-defined architecture showed that increasing fiber stiffness suppresses spreading
in contrast to hydrogels where increased stiffness always promotes cell spreading (96).
Other recent studies have found that the spreading of cells cultured on soft viscoelastic
substrates that exhibit stress relaxation is greater than those on elastic substrates of the
same modulus, but similar to that of cells spreading on stiffer elastic substrates (97). While
these studies demonstrate a clear departure from the well-described relationship between
material stiffness and spreading established with elastic hydrogel surfaces, a quantitative
description of how cells are able to physical remodel matrices in order to mature FAs,
which in turn can lead to greater spreading is currently lacking. In particular, models that
connect ECM structure (ie. fiber properties such as size and stiffness, the strength of
crosslinks) with cell adhesion formation and spreading can guide the development of
materials to engineer the cellular responses, as well as to better understand the cell-matrix
interactions in physiologically relevant states.

Here, we propose a multiscale chemo-mechanical model to describe the evolution of FAs
in crosslinked fibrous networks that resemble native ECMs. Specifically, possible breakage
of crosslinks in the fibrous network is considered, which allows contractile cells to recruit
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fibers and increase the density of ligands available for the formation of adhesions. By
combining the mechanics of fiber recruitment with stress dependent growth kinetics of FA
plaques, we predict a phase diagram for the stable size of focal adhesions as a function of
the ECM stiffness and a new parameter we introduce, namely the recruitment index of the
ECM that characterizes how easily fibers can be recruited by the contractile cells. Our
model explains how cell-driven fiber recruitment can lead to a departure from the
monotonic stiffness versus cell spreading relationship observed in hydrogels.

3.2 Methods
In order to understand the influence of cell-driven fiber recruitment on the formation of
FAs, we developed a multiscale chemo-mechanical model. Specifically, the correlation
between fiber density (which then determines the density of ligand/integrin bonds
comprising FAs) and cell contractility is first obtained using discrete fiber network (DFN)
simulations. The mechanical response of the FA-ECM complex to actomyosin contractile
forces is then determined by developing a coarse-grained model, where discrete FAs are
homogenized and treated as an adhesion band along the rim of the cell. By coupling the
stiffness dependence of the actin contractile force and the stress dependent kinetics of
adding new adhesion plaque units, the growth dynamics of the FA band and its equilibrium
size are evaluated. The details of each of the elements of the model are described in the
following sections.
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3.2.1

A discrete fiber network model for the ECM

Following our earlier work on active biopolymer networks (17, 18), 2D fiber networks
representing electrospun matrices were created with randomly organized linear elastic
fibers and breakable crosslinks. The fiber properties used in our DFN simulations were
based on recent the experiments on electrospun methacrylated dextran (96) scaffolds.
Specifically, individual fibers were modeled as beams having circular cross-sections with
Young’s moduli, Poisson’s ratios and radii of 140 MPa, 0.3 and 1.8 µm, respectively. The
initial configuration was created by randomly placing discrete fibers in a 2D plane and
crosslinking the fibers that are closer than a threshold value. New fibers were added until
the experimentally observed network pore size was reached.

A circular void was

introduced in the middle to represent the contractile cell which applies a uniformly
distributed and radially directed force to the network near the periphery of the hole (Figure
3-1). During the simulation, the force applied at the cell periphery was raised incrementally

Figure 3-1 Snapshots of the discrete fiber network contracted by a cell. (a) Distribution of
strain energy in the fibers. (b) Forces in the fibers oriented radially (tensile) and
circumferentially (compressive).
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while the network displacement was fixed at the outer boundaries, far from the hole. The
crosslinks were checked at each loading increment and removed if the transmitted strain
energy exceeded a threshold value. This allowed for the detachments of fibers from their
initial positions and densification towards the cell area. Fiber recruitment was quantified
as the number of fibers that were pulled into the cell area.

3.2.2

Coarse grained model for the mechanical response of the FAs

It is well known that FAs, which consist of clusters of integrins that bind to the ECM and
to an intracellular plaque of reinforcing actin binding proteins, are connected to the cell
nucleus via actomyosin stress fibers. Furthermore, such assemblies are mostly distributed
at the cell periphery (74, 98) as shown in Figure 3-2a. Based on these observations, we
proceed by adopting an axially symmetric coarse grained computational model where we
represent the focal adhesions as a band (with a width 𝑟𝐹𝐴 ) along the rim of a circular cell
(Figure 3-2a). The discrete FAs are not considered here, but we adopt a homogenized
description where the total area of the adhesions is predicted based on the effective width
of the band. The FA band is treated as an elastic plaque representing the stiffness of the
constituent molecules (with Young’s modulus 𝐸𝑝 ) connected to the ECM through an array
of integrins (modeled as springs with stiffness 𝑘𝑖 ) whose density (𝜙𝑖 ) is assumed to be
proportional to the fiber density (𝜙𝑓 ) underneath the cell. While more complicated models
with strain dependent detachment rates can be used for integrins, recent experiments have
shown that a simple description (i.e. treating the integrin as a linear spring) can capture the
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response of integrins sufficiently since the timescale for integrin binding dynamics (ie. a
few seconds, (94, 99)) is much shorter than that for FA growth (ie. a few minutes, (74)). In
addition, the proximal end of the band is connected to the cell nucleus through stress fibers
(Figure 3-2b) that generate contractile forces.

Increases in the density of ECM fibers (𝜙𝑓 ) underneath a cell can occur as the contractile
forces break the crosslinks in the ECM and recruit fibers, which will further influence the
integrin-ECM bond density (𝜙𝑖 , for simplicity, we assume that 𝜙𝑖 = 𝜙𝑓 ). Specifically, our
discrete fiber network (DFN) simulations show that the fiber density (𝜙𝑓 ) increases with
the applied force (once it exceeds a threshold value) before saturating at large levels of
force. To capture this behavior, 𝜙𝑓 is phenomenologically related to the contractile stress
(𝜎) as,
𝜙𝑓
1,
={
1 + 5 𝑒𝑟𝑓[𝑛(𝜎 − 𝜎𝑐 )] ,
𝜙0

𝜎 < 𝜎𝑐
𝜎 ≥ 𝜎𝑐

(3-1)

Here 𝜙0 is the initial fiber density, 𝜎𝑐 corresponds to the threshold stress for fiber
recruitment, 𝑒𝑟𝑓 stands for the error function and 𝑛 (recruitment index) is a measure of the
ease with which fibers can be recruited. Physically, large values of 𝑛 correspond to the
cases where crosslinks are weak (i.e. can be broken easily) and therefore more fibers will
be recruited by the cell. Interestingly, as we show below (Section ‘Crosslink breakage
enables ligand recruitment in fibrous networks’), Eq. (3-1) captures the essential features
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Figure 3-2 Coarse grained model for the mechanical response of the FAs. (a) Schematic
of a cell adhered to fibrous ECM. Cell contraction deforms the fibrous ECM through the
FAs. The FAs are formed at the periphery of the cell. Based on this observation, an axially
symmetric coarse grained model is purposed, in which FAs are treated as a band at the
periphery of the cell. (b) Schematic of the coarse grained model: Stress fibers connect the
FA band/plaque and the nucleus. The FA band/plaque is connected to ECM through an
integrin layer whose density is positively correlated with the fiber density underneath the
cell. The ECM is treated as an elastic material. (c) Schematic of the mechanical model: the
deformation field induced by an actomyosin stress 𝜎 applied at the proximal edge of the
FA band/plaque connected to the ECM via integrin layer. The FA plaque and the ECM are
treated as elastic materials. The integrin layer is treated a thin elastic layer consisting of
springs.
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of crosslink failure and fiber recruitment observed in our DFN simulations. With this
description in hand, we can then use our coarse grained model to address the outstanding
issue of how cellular contraction influences the formation of FAs (via remodeling the ECM)
within a continuum framework. The limitations of applying Eq. (3-1) to the 1D model for
FA growth are discussed in Appendix A2.

When the actomyosin system applies a stress 𝜎 at the proximal edge of the FA band/plaque
(as shown in Figure 3-2c), the FA-ECM system deforms in response, leading to spatially
varying elastic fields. To determine the stress and strain distributions, we implemented the
coarse grained model shown in Figure 3-2b, together with the phenomenological
description for fiber recruitment (Eq. (3-1)), in the finite element method package
(COMSOL 5.1). The effective modulus of the FA-ECM complex (i.e. the modulus sensed
by the cell through an active contraction) can be expressed as,
∗
𝐸𝐹𝐴
=

𝜎
∗
= 𝐸𝐹𝐴
(𝐸𝐸𝐶𝑀 , 𝑟𝐹𝐴 , 𝑛)
𝜀𝑟𝐹𝐴

(3-2)

where 𝜀𝑟𝐹𝐴 is the radial strain of the plaque at the proximal edge, which depends on the
stiffness of the ECM, the size of the adhesion plaque as well as the degree of fiber
∗
recruitment. Note that since the contractile stress depends on the effective stiffness 𝐸𝐹𝐴
,

the mechanical deformation of the FA-ECM complex has to be obtained in a self-consistent
manner due to chemo-mechanical feedback (Figure 3-3c).
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3.2.3

Model for stress-dependent growth of the FA band

Given that integrin binding/unbinding occurs within seconds (94, 99) while the assembly
of proteins in the FA takes several minutes (74), the growth of FA should primarily depend
on how fast adhesion proteins are added/removed from the plaque. Furthermore, as
suggested by experiments, we proceed by assuming that protein recruitment/disassembly
can only take place at the edge of the FA plaque (56). Finally, the driving force for the
growth of the plaque is assumed to be the chemical potential difference between plaque
units recruited to the plaque and those in the cytosol. In particular, the work done by the
contractile stress as the new units are recruited is expected to facilitate their incorporation
in the plaque (77). Following this line of reasoning, we express the free energy difference
for a segment of the plaque (with size 𝛥𝑟 and radial angle 𝑑𝜃 as shown in Figure 3-3d as:
𝛥𝐸 = −𝜎ℎΔ𝑟(𝑟𝑐 − 𝑟𝐹𝐴 )𝑑𝜃 + Δ𝜇0 ℎ(𝑟𝑐 − 𝑟𝐹𝐴 )𝑑𝜃

(3-3)

where ℎ is the thickness of the FA plaque and 𝛥𝜇0 (with unit 𝐽/𝑚2 ) represents the free
energy gained per unit area for growing the plaque. The first term corresponds to the
mechanical work performed by the actomyosin fibers when a new plaque unit is
incorporated. When 𝛥𝐸 is negative in the presence of sufficiently large actomyosin
contractile force, FA growth becomes energetically favorable. The total plaque recruitment
flux 𝐽 (i.e. the FA growth rate) can then be related to 𝛥𝐸 as,
2𝜋

𝐽=∫
0

𝐷 (−

𝛥𝐸
𝛥𝜇0
) 𝑑𝜃 = 2𝜋𝐷 (𝜎 −
) ℎ(𝑟𝑐 − 𝑟𝐹𝐴 )
Δ𝑟
Δ𝑟

(3-4)

where 𝐷 is a constant describing the kinetics of plaque assembly. In steady state (𝐽 = 0),
the stress generated by the actomyosin system must satisfy, 𝜎 = 𝜎 ∗ = Δ𝜇0 /Δ𝑟. Next, we
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discuss how the laws for plaque incorporation (Eq. (3-4)), actomyosin force generation and
effective modulus (Eq. (3-2)) can be combined to predict the stable size of FA plaques.

3.2.4

Putting it all together: prediction of stable FA size based on the mechanical
response

The rate-limiting step in the growth of the FAs is the incorporation of new plaque units, a
process influenced by the stress level in the plaque exerted by the actomyosin network. The
contractility of the network, in turn, depends on the effective stiffness of the adhesion
complex determined by the size of the plaque, the stiffness of the ECM and the density of
integrin links between the ECM and the plaque. For ECMs that can be remodeled by cells,
the integrin density is expected to be proportional to the density of fibers that can be
recruited by the cells as they break the crosslinks, which is controlled by the contractile
force. Thus, predicting the growth kinetics and size of focal adhesions requires us to
consider the two-way cross-talk between matrix reorganization and cell contractility. This
is achieved by adopting the following multiscale procedures:
1. Using discrete fiber network simulations, the density of crosslinks that are broken
and hence the density of the recruited fibers (𝜙𝑓 ), as well as the integrin density
increase that occurs in the process, are determined for a given level of contractile
force (Figure 3-1).
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∗
2. Based on the integrin bond density, determine the effective stiffness (𝐸𝐹𝐴
) of the

adhesion complex as a function of the plaque size (𝑟𝐹𝐴 ) and ECM stiffness/modulus
(𝐸𝐸𝐶𝑀 ) from a coarse grained model (Figure 3-2b and Figure 3-2c).
∗
3. Using effective stiffness (EFA
) from step 2, evaluate the level of the contractile force

(𝜎) utilizing a chemo-mechanical feedback model for the actomyosin system we
previously developed (Figure 3-3c).
4. Combining insights from 1-3, with the knowledge of the contractile force, study the
evolution dynamics of FA (in terms of its growth rate 𝐽) as well as its equilibrium
size (Figure 3-3d).
It must be pointed out that the feedback between Step 1 and 3 (i.e. actin contractile stress
induces change in integrin density while, in return, a higher integrin-ECM bond density
could vary the effective stiffness of FAs and eventually the generation of contractile stress)
was carried out self-consistently in the above procedures as illustrated in Figure 3-3.
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Figure 3-3 Flowchart depicting the simulation steps, blue arrow indicates the cross-talk
between cell contractility and ECM remodeling. (a) DFN simulations predict fiber density
(ϕf) as a function of cell contraction stress ( 𝜎 ) and fiber recruitment index (𝑛). The
prediction about fiber density is implemented in the coarse grained FA model (b) to
estimate the effective FA-ECM modulus (EFA*), which is used to evaluate the level of the
contractile force (𝜎) utilizing a chemomechanical feedback model for the actomyosin
system (c). (d) Finally, all the insights are combined to study the evolution dynamics of FA
(in terms of its growth rate 𝐽) and give its equilibrium size.
3.3 Results
3.3.1

Crosslink breakage enables ligand recruitment in fibrous networks
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Our DFN simulations showed that the fiber strains decay gradually away from the
periphery of the cell where contractile forces are applied (Figure 3-1a). Furthermore, fibers
oriented in the radial direction are stretched while strains in the fibers aligned
circumferentially were predominantly compressive (Figure 3-1b). As the level of
contractile force increases, the compressed fibers buckle while the crosslinks between the
radial fibers could undergo higher stretching. Rupture of crosslinks takes places once the
forces the crosslinks transmitted exceed a critical level, eventually allowing the fibers to
be pulled into the cell area. As expected, significant fiber recruitment (to the circular region
shown in Figure 3-1) was observed in networks with weak crosslinks (Figure 3-4a) that
could rupture easily, while no recruitment was observed when the fibers were “welded”
together, in agreement with experimental observations (Figure 3-4c and Figure 3-4d). The
density of fibers (underneath the cell) under different levels of contractile stresses and
crosslink strength are shown in Figure 3-4b. Interestingly, an increase in the density of
recruited fibers with force can be well fitted by the phenomenological relationship, Eq. (31), that is characterized by two parameters, namely the fiber recruitment index (𝑛) and the
threshold stress for the crosslinks to rupture (𝜎𝑐 ). We found that ECM stiffness indeed had
a significant impact on fiber recruitment. Specifically, the cell recruits significantly less
fibers on stiffer ECMs as shown in Figure 3-4c and Figure 3-4d, a phenomenon that is
well captured by our model.

55

Figure 3-4 Discrete fiber network simulation shows that crosslink breakage leads to fiber
recruitment. (a) Tensile forces generated by cellular contraction leads to the breakage of
the fiber crosslinks, which allows the cell to recruit more fibers. The fiber recruitment index
increases when the cell contractile force increases and more crosslinks break. The red circle
denotes the outline of the cell. (b) Normalized fiber density as a function of cell contraction
for networks with crosslinks of different breaking strengths. (c) The cell induces large
deformations to the soft network, while induced deformations are much smaller for the stiff
and welded soft network (stronger crosslinks). (d) Quantitative measurements verified that
the welded soft network shows fiber recruitment index as stiff networks, indicating that
strong crosslinks inhibit fiber recruitment. (c) and (d) are adapted from (96) with
permission from the Nature Publishing Group.
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3.3.2

Non-uniform stress in the FA leads to bi-phasic stiffness sensed by the actomyosin
system

∗
A quantity of key interest is the effective stiffness (𝐸𝐹𝐴
) of the FA-ECM complex, which

physically represents the apparent mechanical modulus of the extracellular environment
that a cell senses through the FA. This quantity is determined using the coarse grained
model and plotted as a function of the FA size in Figure 3-5a and Figure 3-5c for different
values of the ECM moduli ( 𝐸𝐸𝐶𝑀 ) and fiber recruitment indexes ( 𝑛 ) respectively.
∗
Interestingly, in both cases, 𝐸𝐹𝐴
is small when the FA band size is either very large or very

small but reaches a maximum at a certain intermediate FA band size. To understand this
bi-phasic behavior, the force distribution in the integrin layer is first examined in the
absence of fiber recruitment. As shown in Figure 3-5b, the force transmitted to the ECM
is distributed almost uniformly over all the integrins for small FAs (solid blue curve), while
the load distribution becomes highly non-uniform for large FAs, with the proximal edge
carrying the majority of the transmitted force (solid magenta curve). This is known as the
‘shear-lag’ effect (33), where the stresses unevenly distributed in the connecting layer
(integrin layer) due to the difference in the deformation of the connected elements (the FA
plaque and the ECM). The non-uniform distribution of force in the integrin layer becomes
significant above a critical size of the FA, namely the shear-lag length (33). This length is
determined by the stiffnesses of the FA plaque, integrins and ECM, as well as the density
of integrins. Hence, for FAs that are smaller than this characteristic size, the load is almost
evenly shared by the integrins, their growth results in bringing more active (i.e. load
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∗
bearing) integrins and leads to a monotonic increase of 𝐸𝐹𝐴
. In contrast, for larger FAs

(much larger than the shear-lag length), the load is concentrated in a limited region at the
proximal edge, only inactive (i.e. those carrying no load) integrins are introduced as they
grow. The effective stiffness of this inactive part correlates negatively to its size, while the
∗
response of the active part is not sensitive to how large the adhesion plaque is. Hence, 𝐸𝐹𝐴

decreases for large FAs as they grow.

When recruitment of fiber due to the breaking of the crosslinks is considered, the effective
∗
stiffness of the FA-ECM complex (𝐸𝐹𝐴
) increases significantly compared to the case where

fiber recruitment is not possible (Figure 3-5c). For ECMs of the same modulus, higher
fiber recruitment index (larger 𝑛) means more crosslinks can break for the same level of
applied load (as shown in Figure 3-5d, top panel). As a result, the cell can recruit more
fibers and form more integrin-ECM bonds (as shown in Figure 3-5d, bottom panel), which
contributes to additional stiffness and ultimately leads to the overall increase of effective
∗
stiffness (𝐸𝐹𝐴
).

3.3.3

The growth model predicts a nucleation size and stable size of FAs that depends on
the ECM stiffness and the level of fiber recruitment

As demonstrated both experimentally and theoretically (4, 93, 100), FA growth is largely
determined by the level of actomyosin stress, which is sensitive to the effective stiffness of
∗
the FA-ECM complex (𝐸𝐹𝐴
) as described by the two-way mechano-chemical feedback
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(Figure 3-3c). Since this effective stiffness depends on the FA size (Figure 3-5a and
Figure 3-5c), the ECM modulus and the fiber recruitment index, these parameters in turn
influence how fast the FAs grow. The generic behavior of the FA plaque recruitment flux
𝐽 (FA growth rate) as a function of FA size predicted by our model is shown in Figure
3-5e. An immediate observation is that the value of 𝐽 is positive only when 𝑟𝑛𝑢 < 𝑟𝐹𝐴 <
𝑟𝑠𝑡 , where 𝑟𝑛𝑢 stands for the nucleation size. A nascent FA must be larger than this size in
order to grow, while 𝑟𝑠𝑡 is the stable size for the FA. The FA growth can then be divided
into three regimes as depicted in Figure 3-5e: newly nucleated FAs with sizes smaller than
𝑟𝑛𝑢 will disassemble and eventually disappear; in comparison, FAs that are larger than 𝑟𝑛𝑢
will increase in size towards a stable size (𝑟𝑠𝑡 ); very large FAs (𝑟𝐹𝐴 > 𝑟𝑠𝑡 ), on the other
hand, are predicted to shrink until they reach back to the stable size ( 𝑟𝑠𝑡 ).

This non-monotonic growth rate-FA size relation can be understood by examining the
intracellular contractile stress as a function of the size of the FA. Specifically, because of
∗
the bi-phasic dependence of 𝐸𝐹𝐴
on the FA size, a similar trend is expected for the

contractile stress since a stiff FA-ECM complex induces a higher level of cell contractility
(Eq. (3-3)). As a result, cells cannot generate enough contractile stresses necessary for the
further growth of the FAs when the sizes of FAs are either too small or too large, which
produces the bi-phasic shape of FA growth profile as shown in Figure 3-5e. Of course, the
exact shape of the growth rate profile varies with the ECM moduli and the fiber recruitment
indexes, leading to different stable sizes of the FA band.
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Figure 3-5 Mechanosensing of the FA shows bi-phasic behavior with respect to the FA
size. (a) The effective stiffness of a FA as a function of its size and the ECM modulus. (b)
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Normalized integrin force distribution for FAs of different sizes with EECM= 7.5 𝑘𝑃𝑎. For
small FAs, integrin force is almost uniformly distributed. The force is concentrated at the
proximal edge as the FA becomes larger. (c) Influence of fiber recruitment index on the
effective stiffness-FA size profile with EECM = 7.5 𝑘𝑃𝑎. Fiber recruitment significantly
increases the effective stiffness of FA-ECM complex. (d) Schematics for the influence of
fiber recruitment: higher fiber recruitment index indicates more crosslink breakage, leading
to more fibers and ligands, providing more integrins within the FA. Therefore, fiber
recruitment significantly increases the effective stiffness. (e) Generic shape of the FA
growth rate as a function of FA size, from which two quantities of central interest, i.e., the
nucleation size for the nascent adhesions to develop into mature ones, and the stable size
for a fully developed FA, can be identified. The value of FA growth rate is only positive
when FA size is between these two sizes.

3.3.4

FA size-ECM modulus relation becomes non-monotonic when cells can recruit
fibers

We first examined the correlation between FA size and ECM modulus without fiber
recruitment, a scenario relevant to most elastic hydrogels and crosslinked ECMs that
cannot be physically remodeled by the cells. As shown in Figure 3-6a, we found that cells
cannot form stable FAs on very soft ECMs. Furthermore, FA size increases monotonically
with the ECM modulus. This can be explained by the fact that higher contractile stress will
be developed on stiffer ECMs, which eventually leads to larger FAs.

When cells can recruit fibers (as in the case of fibrous ECMs with breakable crosslinks
(96)), the stable FA size increases compared to the cases without fiber recruitment (solid
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red curve in Figure 3-6a) for a given level of ECM stiffness. This is because more integrins
are available with the recruitment of fibers, leading to a stiffer FA-ECM complex as shown
in Figure 3-5c and therefore to higher levels of contractility. More interestingly, the FA
size will reach its maximum at a certain intermediate ECM modulus when fiber recruitment
is possible (Figure 3-6a), in direct contrast to the monotonic trend observed on substrates
that cannot be remodeled. The reason is that crosslinks are ruptured more easily in a softer
ECM due to the large deformation caused by cell contraction. Consequently, more integrinECM bonds will be formed in the FA which will result in a stiffer FA-ECM complex (and
hence a larger FA) even though the ECM modulus is smaller. This competition between
the increase in the fiber/integrin density and the ECM modulus (both promoting the
formation of larger FAs) leads to a peak in the FA size at intermediate levels of the ECM
modulus (Figure 3-6a). These findings are consistent with our recent experimental
observations where the FA size was found to increase with the stiffness of the hydrogel
substrate that cannot be remodeled (i.e. n = 0) whereas larger FAs can be formed on softer
remodelable fibrous scaffolds (refer to Figure 3-6c and Figure 3-6d). Interestingly when
the recruitment index is at an intermediate level (𝑛 = 2, the solid green curve in Figure
3-6a), the FA size–ECM modulus relation still shows a monotonic variation. These results
predict that a critical level of fiber recruitment is essential for the presence of a nonmonotonic FA size–ECM modulus relation. Above this critical level, the non-monotonicity
become less significant by reducing the fiber recruitment index (𝑛 = 4, solid magenta
curve in Figure 3-6a), which has been validated by our experiments (96).
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By varying the values of 𝑛 and 𝐸𝐸𝐶𝑀 , the stable FA band size as a function of the ECM
modulus and the fiber recruitment index is shown in Figure 3-6b. The heat map predicts
how the FA size varies with the ECM modulus and the fiber recruitment index. Similar to
previous studies (100), our model suggests that the cell cannot form stable FAs on vary
soft ECMs. Interestingly, the threshold modulus for stable FA formation decreases with
increasing fiber recruitment index since FA formation is favored at higher ligand densities.
The cells can form stable FAs in ECMs with weak crosslinks. In that case, FA growth may
be favorable by an increase in ligand density resulting from the recruitment of fibers.
Another key prediction of the model is the increase of FA size with stiffness in an
intermediate range of stiffness and decrease of FA size at larger matrix stiffness (e.g., the
red curve in Figure 3-6); we have not been able to engineer our ECMs to span the entire
phase space to validate the predictions of the model. We hope these predictions can provide
guidelines to design matrices to engineer cell response.
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Figure 3-6 Fiber recruitment promotes FA formation. (a) Stable FA band size plotted as a
function of the ECM modulus at three different fiber recruitment indices. With no fiber
recruitment and intermediate levels of fiber recruitment, FA size shows a positive
correlation with ECM modulus; at high levels of fiber recruitment, FA size shows a nonmonotonic relation with respect to ECM modulus in an intermediate range of ECM
modulus. The non-monotonicity becomes less significant by reducing the fiber recruitment
index. (b) Heat map of the stable FA band size as a function of the ECM modulus and the
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fiber recruitment index.

(c) FA formation of representative hMSCs seeded on

methacrylated dextran (DexMA) hydrogels of low and high stiffness, as well as on DexMA
fiber networks of low and high stiffness. Scale bars, 50 μm. Cell forms larger FAs on stiff
hydrogel and soft fiber networks, verified by quantitative measurement (d). (c) and (d) are
adapted from (96) with permission from the Nature Publishing Group.

3.4 Conclusions
In summary, we developed a multi-scale coarse grained chemo-mechanical model to
describe the evolution of FAs in crosslinked fibrous networks that resemble native ECMs
as well as widely used hydrogel ECM systems. In particular, by considering the elastic
deformation and fiber recruitment within the ECM along with the stress-dependent growth
kinetics of the FA, we predict the stable FA band size as a function of ECM modulus and
fiber recruitment index. Our results show that FA size is positively correlated with ECM
modulus for ECMs that cannot be remodeled (i.e. hydrogels), but the relation departs if the
ECM is remodelable for cells (i.e. fibrous network), as shown in Figure 3-6a. The reported
FA size – ECM modulus relation is consistent with recent experiments (Figure 3-6c and
Figure 3-6d) (96).

In order to further understand the non-monotonic behavior of the FA size as a function of
the level of fiber recruitment, we study how FA adhesion size varies when the ligand
density and the ECM modulus are independently altered based on our recent published 1D
FA model. This analysis was motivated by the experimental work of Engler et. al (101),
who controlled the density of collagen on the surface of hydrogels (of fixed stiffness) and
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hence effectively designed a method to decouple the effects of ligand density and ECM
stiffness. They found a non-monotonic dependence of cell area on ligand density; the cell
area shows a peak at an intermediate density of ligands on the surface. They also suggested
that other cellular responses (focal adhesion growth, cell shape, and cytoskeletal
organization) should follow similar trends (101). However, an explanation for these
phenomena is still lacking (102). Specifically, we found that 𝐿𝑐 (the shear lag length that
determines the size over which contractile stresses are transmitted to the ECM) decreases
with increasing ligand density (Figure 3-7e), which results in a larger value of the ratio
𝐿/𝐿𝑐 even if the FA size (𝐿) remains unchanged. As we have shown earlier, this ratio
determines the integrin force distribution profile: at small 𝐿/𝐿𝑐 , integrin force distributes
uniformly whereas the force becomes highly localized at the proximal end when 𝐿/𝐿𝑐 is
large (Figure 3-7a). This change in the integrin force distribution (induced by either
increasing 𝐿 or decreasing 𝐿𝑐 ) eventually leads to the bi-phasic response of the effective
∗
stiffness of FA. Therefore, increasing ligand density (𝜙𝑖 ) has a similar effect on 𝐸𝐹𝐴
as that

of increasing the FA size (𝐿), i.e. the effective stiffness of FA increases with the growing
𝜙𝑖 initially, reaches its maximum and then decreases gradually as the ligand density further
increases (Figure 3-7f). By coupling the effective stiffness of FAs with the stiffnessdependent generation of actin contractile stress and the force-dependent kinetics of adding
new adhesion plaque units, the stable FA size as a function of ECM stiffness and ligand
density can be obtained. As shown in Figure 3-9, cells respond positively to ECM stiffness
(i.e. forming larger FAs) but non-monotonically to ligand density, which is consistent with
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the recently observations on cellular contractility and spreading (47, 101). Specifically, the
effective stiffness of FA-ECM complex (with fixed ECM stiffness) will be small if the
ligand density is either too low or too high, leading to low intracellular contractions. Since
cell forms larger FAs at higher contractility levels, the stable size of FAs will reach its
maximum at intermediate ligand density. In comparison, under fixed ligand density, stiffer
ECM always results in higher contractility and consequently a monotonic increase in the
FA size. We carried out the Steps b-d (Figure 3-3) by treating ligand density and ECM
modulus as two independent parameters and obtained the FA size profile as shown in
Figure 3-8b, which shows trends similar to the 1D model (Figure 3-8a). In summary, we
predicted the non-monotonic FA size–ECM stiffness–ligand density map (Figure 3-8) that
was pointed out previously (47, 101), but thus far has not been explained from a theoretical
perspective.
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Figure 3-7 (a) Schematics of the 1D FA-ECM model. The integrin force distribution is
very sensitive to FA size. For small FAs, integrin force is distributed almost uniformly;
regions where integrins are force-free appear when FA size is comparable to 4Lc; the
leading edge carries the majority of integrin force and the size of this highly loaded region
is a constant if FA size is much larger than 4Lc. A large FA (≫4Lc) can be divided into two
parts based on the magnitude of the integrin force, the effective stiffnesses of the two parts
are shown respectively in (c). Notice that the horizontal axis in (c) starts from L~4Lc. (a)
and (c) are adapted from Ref. (100) with permission from Cell Press. (b) Normalized
displacement field (with respect to the maximum displacement) for FA plaque (up) and
ECM (us) for an FA of size 16Lc. Note the size of the region of displacement mismatch
between the FA plaque and the ECM is approximately 4Lc. (d) At low ligand densities,
more active integrins are introduced as ligand density increases since the characteristic
length is large (e); at high ligand density, a part of the integrins becomes inactive and the
inactive region becomes larger as ligand density increases since the characteristic length
decreases (e). (f) Normalized effective stiffness as a function of ligand density for FAs of
0.1 µm, indicating ligand density has a similar bi-phasic influence on stiffness sensing as
FA size.
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Figure 3-8 FA size as a function of ligand density and ECM stiffness/modulus: (a) 1D
predictions; (b) 3D predictions.

The behavior of cells on different ECM systems is best summarized by the non-monotonic
response map (Figure 3-8). In particular, for ECMs that cannot be remodeled (i.e.
hydrogels), the ECM modulus and ligand density are decoupled to each other (this is
applicable for most artificial ECM systems, as shown in Figure 3-9a). Therefore, as ECM
becomes stiffer the response of cells follows a linear path with no variation in ligand
density (Figure 3-9c), resulting positively correlation between FA size and ECM modulus
(Figure 3-9e). In comparison, for fibrous ECMs that can be remodeled (such as DexMA
fiber network), cells are able to recruit more fibers from their soft microenvironment and
hence form more integrin bonds (Figure 3-9b), as demonstrated by recent experiments (96)
and our simulations. Since the ligand/integrin density and ECM modulus are coupled in
this case, the cells will react to changes in the properties of their surroundings along a much
more complicated path where ligand density decreases with increasing ECM modulus as
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shown in Figure 3-9d, leading to the non-monotonic FA size – ECM modulus relationship
(Figure 3-9f). Of course, the actual shape of the path has to be determined by the crosstalk among cell contraction, fiber recruitment, and ECM stiffness.

Figure 3-9 Ligand recruitment leads to non-monotonic behavior of FA size with stiffness.
On ECMs that the cells cannot remodel ((a), e.g. hydrogel and welded fibrous networks),
the contractile stress increases with the stiffness of the ECM, which makes FA growth more
favorable. As a result, FA size is positively correlated with the ECM modulus (c, e).
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However, on ECMs that can be remodeled ((b), e.g. cross-linked fibrous networks), cellular
contraction induces deformation of the ECM leading to recruitment of fibers on softer
ECMs. In this case, when matrix mechanics are enhanced, cells sense matrix properties
that vary along a more complicated path in the ligand density-ECM stiffness space (d).
Therefore, a departure from the monotonic FA size–ECM modulus relation found in the
case of hydrogels is observed (f).

We must point out that local fiber recruitment is closely related to the inelastic (history
dependent) bulk response of biopolymer networks (103–105). In particular, mechanical
straining accelerates the dissociation of weak crosslinks (106), leading to macroscale
plastic deformation of the matrix. It had been shown that such effect is more prominent at
long times scales (103) and large strains (104, 105) while diminishing with the addition of
permanent covalent crosslinks (104, 105). In contrast, networks that only have weak
crosslinks are more dissipative and undergo larger stress relaxations (105). In this regard,
it is expected that the fiber recruitment index, 𝑛, introduced here is a quantitative measure
the plastic response of the ECM, a parameter that has not been considered and appreciated
in previous theoretical investigations. By introducing this parameter, we are able to
characterize the coupled relation between ligand density and ECM stiffness for fibrous
ECMs. We noticed that the influences of time dependent matrix properties (such as
viscoelasticity (97) and viscoplasticity (107)) on cell behaviors have drawn lots of attention.
By applying the corresponding theoretical models, we can characterize the corresponding
recruitment index for these matrices and therefore apply the proposed multi-scale model to
probe the cellular mechanosensing in these matrices. Experiments have shown that matrix
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degradation by the action of enzymes such as MMPs decreases with increasing tensile
forces (108), but this newly described phenomenon of force-mediated changes in active,
cell-induced matrix degradation is not considered here since cells cannot degrade the
synthetic DexMA fibers considered in our experimental study. Our model generically
applies to fibrous ECMs with inter-fiber bonds that follow a Bell-like breaking behavior,
where crosslinks dissociate more readily with increasing levels of force. Recent
experiments (105) on the nonlinear viscoelastic response of collagen suggest that crosslink
breaking in collagen networks is facilitated by tensile forces, in agreement with the
assumptions of our model. Since crosslink breakage occurs within 1-10 s (105), which is
separable from the timescale for FA growth and evolution (5-10 mins) (74), our model can
be applied to address viscoelastic effects of the ECM. Incorporating properties such as cellmediated matrix degradation and synthesis into the current model will be critical in the
future to capture the long-term evolution of cell-matrix interactions in natural matrices.

To summarize, our results from the multi-scale chemo-mechanical model and recent
reports (96) show that as studies move from smooth and flat hydrogel surfaces to more
complicated 2D or 3D fibrous scaffolds (mimicking in vitro ECMs), the ability of cells to
reconstruct their microenvironment needs to be taken into consideration when modeling
the growth of focal adhesions. In addition to providing an explanation for a variety of
experimental observations, this study can also serve as a theoretical framework for
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assessing the role of FAs in cellular behaviors in non-linear extracellular environments,
such as cell spreading, migration, and cell-cell interactions.
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Chapter 4 Modeling Nuclear Morphology and Stresses during Cell
Transendothelial Migration
Reprinted (adapted) with permission from Cao, X., E. Moeendarbary, P. Isermann, P.M.
Davidson, X. Wang, M.B. Chen, A.K. Burkart, J. Lammerding, R.D. Kamm, and V.B.
Shenoy. 2016. A Chemomechanical Model for Nuclear Morphology and Stresses during
Cell Transendothelial Migration. Biophys. J. 111: 1541–1552.
Synopsis
It is now evident that the cell nucleus undergoes dramatic shape changes during important
cellular processes such as cell transmigration through extracellular matrix and endothelium.
Recent experimental data suggest that during cell transmigration the deformability of the
nucleus could be a limiting factor, and the morphological and structural alterations that the
nucleus encounters can perturb genomic organization that in turn influence cellular
behavior. Despite its importance, a biophysical model that connects the experimentally
observed nuclear morphological changes to the underlying biophysical factors during
transmigration through small constrictions is still lacking. Here, we developed a universal
chemo-mechanical model that describes nuclear strains and shapes and predicts thresholds
for the rupture of the nuclear envelope and for the nuclear plastic deformation during
transmigration through small constrictions. The model includes actin contraction and
cytosolic back-pressure that squeeze the nucleus through constrictions and overcome the
mechanical resistance from deformation of the nucleus and the constrictions. The nucleus
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is treated as an elastic shell encompassing a poroelastic material representing the nuclear
envelope and inner nucleoplasm, respectively. Tuning the chemo-mechanical parameters
of different components such as cell contractility, nuclear and matrix stiffnesses, our model
predicts the lower bounds of constriction size for successful transmigration. Furthermore,
treating the chromatin as a plastic material, our model faithfully reproduced the
experimentally observed irreversible nuclear deformations following transmigration in
lamin A/C deficient cells, while the wild–type cells show much less plastic deformation.
Along with making testable predictions, which are in accord with our experiments and
existing literature, our work provides a realistic framework to assess the biophysical
modulators of nuclear deformation during cell transmigration.

4.1 Introduction
Tumor cell extravasation is one of the critical, and possibly rate-limiting, steps in the
process by which cancer spreads to metastatic sites from a primary tumor (44, 45). While
we know relatively little about the details of extravasation, recent in vitro studies have
elucidated a process beginning with tumor cell arrest in the microcirculation and the
formation of protrusions that reach across the endothelial monolayer, accompanied by
polarization of tumor cell actin and activation of beta-1 integrins to generate firm adhesions
(21, 22). This is rapidly followed by actomyosin contraction to generate the forces needed
to pull the remaining cell body across the monolayer. Similarly, during invasion into tissues,
tumor cells use actomyosin activity to squeeze through tight interstitial spaces (23). During
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these processes, the cell size, rheological properties and the geometric parameters
associated with the extracellular environment dictate the maximal rate at which the cell can
transmigrate and change its shape (24, 25). The nucleus, being the largest and the stiffest
organelle within the cell, is a physical constraint to migration and may be a rate-limiting
factor for cellular deformations during cell migration through 3-dimensional (3D)
constrictions that are smaller or comparable to the nuclear cross section (26–28). On the
other hand, since the nucleus houses the genetic machinery of the cell, changes in the
nuclear morphology and positioning within the cytoplasm during migration can influence
the phenotypic profile of the cell (29, 30). For instance, it has been recently shown that in
addition to the ability of cells to dramatically squeeze their nuclei to pass through small
constrictions, cells utilize components of the ESCRT (endosomal sorting complexes
required for transport) machinery to repair the concomitant damage to their nuclear
envelope (NE) and DNA that occur during confined migration (31, 32).

In light of experimental discoveries that identified nuclear morphological changes and their
implications for cellular behavior, progress has been made in quantifying mechanical and
rheological properties of the nucleus (109, 110). Yet, how actomyosin-generated forces
coordinate with geometric and mechanical parameters (such as the constrictions size,
stiffness of the extracellular matrix and the nucleus) to modulate the nuclear morphology
during cell passage through small openings remains poorly understood. Furthermore,
despite the development of a variety of approaches that model mechanics of the whole cell
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(111–113), a mechanistic model to assess the ability of cells to pass through small
constrictions and the role of the nucleus and other biophysical parameters is still lacking.

To address these shortcomings, we developed a novel chemo-mechanical model that
describes nuclear morphology during cell migration through deformable constrictions
smaller than the size of the nucleus. Based on biophysical modulators of transmigration
including actomyosin contractility, the geometric and mechanical properties of the opening,
the nucleus and the extracellular matrix (ECM), our model estimates the stiffnessdependent actomyosin driving forces and the mechanical resistance encountered by the
nucleus, to predict the chances of successful transmigration. By varying these biophysical
factors, we computed the strain distribution within the nucleus at different stages of
transmigration to elucidate the physical mechanisms behind nuclear envelope and DNA
damage as well as the thresholds for plastic deformation of the nucleus. To verify our model,
we simulated nuclear transmigration through an endothelial gap and also passage through
rigid constrictions. Tuning our model parameters by comparison with experimental
measurements, our framework provides a quantitative description of nuclear mechanics
during transmigration of cancer cells across the endothelial monolayer and through rigid
constrictions.
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4.2 Methods
4.2.1

Model formulation

In order to understand the influence of both the intracellular and extracellular cues and the
mechanical properties of the nucleus on cell transmigration, a cell with a spherical nucleus
of radius 𝑟𝑛 invading extracellular matrix (ECM) through a deformable gap smaller than
the diameter of the nucleus (Figure 4-1c) is considered. The nucleus is treated as a nonlinear shell with shear modulus 𝜇𝑠 , simulating the nuclear envelope, filled with a soft
poroelastic solid material mimicking chromatin and other sub-nuclear structures (Figure
4-1c, refer to Appendix A3). Recent work has shown that nucleus is also viscoelastic, but
the time scale of viscous relaxation is of the order of 1-300 sec (109, 110, 114, 115), which
is an order of magnitude smaller than the time it takes the nucleus to pass through
endothelial gaps/constrictions (21). Thus the elastic properties we use here are the moduli
after the viscous effects have relaxed. To model the extracellular environment, a thin
flexible layer with a hole or gap of radius 𝑟𝑔 mimicking the endothelium (or a constriction
in a microfluidic device) and a deformable ECM placed on the other side of the
endothelium are introduced (Figure 4-1c). The endothelium (or constriction) and the ECM
are treated as compressible neo-Hookean hyperelastic materials to capture the mechanical
response (refer to Appendix A3 for details).
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Figure 4-1 Computational model for tumor cell transmigration: (a) High resolution
confocal z-stack of a cancer cell (Lifeact-GFP, MDA-MB-231, green) transmigrating
through an endothelial monolayer (PECAM-1, HUVECs, red) cultured on a collagen gel.
The nuclei were stained with Hoechst (blue). The white arrow indicates actin-rich
protrusions at the leading edge of the cancer cell entering the ECM. The gray arrow
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indicates the front of the cancer cell nucleus squeezing through the endothelial gap. Scale
bar, 10 μm. (b) Representative time-lapse images of a fibroblast (NIH 3T3) expressing
mCherry-Histone4 (red) and GFP-actin (green) migrating through a 3 μm-wide rigid
constriction in a 5 μm-tall microfluidic device. Scale bar, 15 μm. (c) The nucleus is
modeled as a permeable hyperelastic shell (representing NE) with modulus µs filled with
chromatin (modeled as a poroelastic material with modulus µc and Poisson’s ratio in the
range of 0.3~0.5 based on permeability). The parameters in the model are the shear
modulus for the endothelium (µe), the ECM (µt) and the nucleus (µn); nuclear radius (rn),
endothelial gap size (µn) and the average length of the actin filaments (𝐿). The nuclear
stiffness µn is mainly determined by the NE elasticity µs = (rn/h)µn, µs =0.1µn, where ℎ is
the thickness of the shell. (d) The driving force for transmigration is generated by stressdependent contraction of the actomyosin complex. The actomyosin activity is mediated by
a variety of biochemical processes, such as the rho-ROCK and calcium mediated pathways
(see Supplementary Information for details). (e) Schematic for the mechanical model of
active contractile stress generation. The actomyosin contraction is modeled by a spring in
parallel with an active contractile element, which ensures that stiffer ECMs will generate
larger contractile stresses.

The actomyosin contraction at the front of the cell provides the driving force for
transmigration. A cell can adjust its contractility by controlling myosin motor recruitment
through a variety of signaling pathways, such as Rho-ROCK and Ca (Figure 4-1d, refer to
Appendix A3 for details). Here we applied our recently published model (16) to introduce
the stiffness-dependent recruitment of the contractile machinery (Figure 4-1e, refer to
Appendix A3 for detailed descriptions) that accounts for the influence of both intracellular
(for example, signal pathways) and extracellular cues (ECM modulus and deformation).
The resistance force during transmigration is calculated using the finite element method
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(FEM) to compute the deformations of the nucleus, endothelium, and ECM.
Transmigration is predicted to be successful if the resistance force is smaller than the
actomyosin contractile force. The simulation steps are shown in Figure 4-2.

Figure 4-2 Flowchart depicting the simulation steps.
4.2.2

AFM

AFM microindentation measurements of gel and cell nucleus elasticity were performed
using a JPK NanoWizard I (JPK Instruments) interfaced to an inverted optical microscope
(IX81, Olympus). Cantilevers (MLCT, Bruker; nominal spring constants of 0.07 N m-1)
were modified by attaching beads (15 μm beads for cellular measurements and 50 μm for
gel) using UV curing glue. Using the thermal noise method implemented in the AFM
software (JPK SPM), the spring constants of the cantilevers were determined. Prior to
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measurements, the sensitivity of the cantilever was set by measuring the slope of the forcedistance curves acquired on a glass-bottom petri dish. To determine the nucleus elasticity
we applied force to the nuclear regions of the cell with large forces (> 9 nN) to create
indentation depths > 2 μm that ensure significant deformation of the nucleus and thereby
maximize the contribution of the nucleus to the measured elasticity (116). The tip of the
cantilever was aligned over the regions above the cell nucleus using the optical microscope
and indentation measurements were performed. Force-distance curves were acquired with
an approach speed of 1 μm s-1 until reaching the maximum set force of 20 nN. Using a
previously described method (117), we found the contact point and subsequently calculated
the indentation depth 𝛿 by subtracting the cantilever deflection 𝑑 from the piezo translation
𝑧 after contact (𝛿 = 𝑧 − 𝑑). The elastic moduli were extracted from the force-distance
curves by fitting the contact portion of curves to a Hertz contact model between a spherical
indenter and an infinite half-space (118).

4.2.3

Microfluidic device and NE rupture experiments

Details on the microfluidic device fabrication, cells used, and analysis for the chromatin
deformation have been described previously (119). In brief, cells were plated in a
microfluidic device made of polydimethylsiloxane (PDMS) and a glass slide, containing 5
µm tall migration channels with constrictions of 1 to 15 µm in width. Cells migrate along
a chemotactic gradient, and nuclear deformation is observed by time-lapse imaging of
fluorescently labeled histones. As described previously, nuclear envelope rupture was
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detected by monitoring the transient escape of GFP fused with a nuclear localization signal
(NLS-GFP) from the nucleus into the cytoplasm and fluorescently labeled cytoplasmic
DNA-binding protein (cGAS-RFP) that accumulates at newly exposed genomic DNA was
used to monitor the sites of nuclear envelope rupture (32). Cells were generated by stable
expression of fluorescent reporter proteins, i.e. NLS-GFP and cGAS-RFP, by lentiviral
transduction. For confined migration experiments cells were loaded into a custom
manufactured microfluidic device and imaged for 14 h on a temperature-controlled
microscope. Image analysis was carried out in ZEN (Zeiss), Matlab (MathWorks) and
ImageJ.

4.3 Results
During extravasation, the invading cancer cell sends protrusions between two adjacent
endothelial cells and creates a small opening within the endothelial layer (22). The actinrich protrusions at the front of the cell (the green region in Figure 4-1a) adhere to and pass
through the basement membrane, penetrating into the ECM. During transendothelial
migration (TEM), the actomyosin-mediated contractile forces generated in the ‘preinvaded’ part of the cell and around the nucleus, push/pull the nucleus to pass through the
endothelial gap. Similarly, as cells migrate through interstitial spaces, they have to move
through confined spaces imposed by extracellular matrix fibers and surrounding cells (27).
In order to understand the influence of both the intracellular and extracellular cues and the
mechanical properties of the nucleus on cell transmigration, we consider the case of a cell
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with an initially spherical nucleus of radius 𝑟𝑛 invading the ECM through the endothelial
layer or, more generally a gap (of radius 𝑟𝑔 ) smaller than the radius of the nucleus (Figure
4-1b and Figure 4-1c). We adopted our recently developed chemo-mechanical model (16)
to describe the stress-dependent actomyosin activity (Figure 4-1e), which is mediated by
mechanosensitive signaling pathways such as the Src-family kinases (SFK), rho-associated
protein kinase (ROCK) and myosin light-chain kinase (MLCK), as shown in Fig. 1d. We
first studied the mechanics of nuclear transmigration through deformable constrictions to
mimic TEM and then explored cell passage through rigid constrictions, for example, ones
in microfluidic devices whose dimensions can be specified (119).

4.3.1

ECM stiffness and gap size modulate nuclear transmigration

We employed Finite Element simulations to estimate the normalized resistance force (𝐹 ∗ )
during each stage of nuclear transmigration (see Appendix A3 for details). While the
nucleus enters the constriction, 𝐹 ∗ increases monotonically as the nucleus advances,
reaching a maximal resistance force (which we name the critical resistance force, 𝐹𝑐∗ ) at a
critical position. Following this, the nucleus snaps through the opening, leading to a drop
in the resistance force, which vanishes after complete nuclear escape (Figure 4-3a). To
predict the driving force, we calculated the normalized actomyosin contractile forces (𝐹𝛼∗ )
based on an actin contraction model (16) that relies on a mechano-chemical feedback
parameter 𝛼, that accounts for the increase in contractility in response to tension in the
actomyosin system (see Appendix A3 for details). Through myosin motor recruitment, the
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contractile force gradually reaches its maximum level to overcome the resistance force
leading to successful transmigration, 𝐹𝛼∗ ≥ 𝐹𝑐∗ . 𝛼𝑐 is defined as the critical mechanochemical coupling parameter that is just sufficient for transmigration to occur (𝐹𝛼∗ = 𝐹𝑐∗ at
the critical position). At weak feedback levels (𝛼 < 𝛼𝑐 ), the cell is unable to build up
enough driving force for the nucleus to pass through (Figure 4-3b, top two panels); while
at higher feedback levels (𝛼 ≥ 𝛼𝑐 ), the cell is able to generate the critical force required to
snap through the gap (Figure 4-3b, bottom two panels).

Figure 4-3 (a) Normalized resistance force (F*) plotted as a function of the cell contraction
length during transmigration for the nucleus (black) as well as normalized contractile force
(Fα*) at different feedback strength levels (blue and red). As the nucleus enters the
endothelial gap, the resistance force increases until the nucleus snaps through the gap,
leading to a drop in the resistance force (denoted by dashed lines in (a)). Blue is the
normalized contractile force from actin filaments at low feedback level, in which case, the
cell cannot transmigrate through the endothelium due to lack of driving force (upper panel
in (b)). Red is the case at critical feedback level, under which circumstance, the cell is able
to build up just enough driving force for transmigration and shows snapped-through
behavior (lower panel in (b)). (b) Stress maps in the system: At weak feedback levels, the
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cell is unable to build up enough driving force for the nucleus to pass through (top panel).
At higher feedback level (critical level shown here), the cell is able to generate the critical
force required to snap through the endothelial layer. Colors indicate the normalized von
Mises stress (with respect to the nuclear shear modulus) in the system. Model parameters
are µn = 5 kPa, µt = µe = 1 kPa, rg = 0.5rn, rc = 2.5rn, 𝐾 = 1 kPa, ρ0 = 0.5 kPa, 𝛽 =
2.77 ×10-3 Pa. The critical contractility critical feedback strengths are determined to be αc
= 2.34 ×10-3 Pa.

Our model shows that the radii of the nucleus (𝑟𝑛 ) and the endothelial gap (𝑟𝑔 ), and the
moduli of the endothelium (𝜇𝑒 ) and the nucleus (𝜇𝑛 ) are the main determinants of the
resistance force 𝐹 ∗ . Indeed, transmigration is difficult through small endothelial gaps
(Figure 4-4a) and a stiffer endothelium also impedes transmigration. Though the modulus
of the ECM (𝜇𝑡 ) has little influence on the resistance force, it has a strong effect on the
actomyosin contractile forces: at the same chemo-mechanical coupling level, softer ECM
induce lower levels of cellular contractile force (16, 120, 121), which may not be sufficient
for the cells to overcome the resistance force. Therefore, it is less likely for the cell to
transmigrate when ECM is soft (Figure 4-4a). On the other hand, a stiffer ECM often has
smaller pores, which impose higher geometrical constraints on cell movement. Therefore,
although a cell encountering a stiff ECM can develop higher contractile forces, the chances
of successful transmigration are still limited by the geometric constraints. For the sake of
simplicity, the strain-stiffening response of the fibrous ECMs was not taken into
consideration in the current analysis. With strain-stiffening, we would expect that the cell
can transmigrate through smaller gaps (compared to current predictions), particularly for
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soft ECMs. Since the strain stiffening nature of fibrous ECM (17, 18) is more pronounced
in soft ECMs, the cell will potentially generate a higher level of contractile force and
therefore facilitate transmigration.

Figure 4-4 Influence of the endothelial gap size (rg) and ECM modulus (µt) on
transmigration: (a) As the gap size decreases (from right to left) the cell cannot transmigrate
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through the smaller gaps because of the increase in critical resistance force. (b) As the ECM
stiffness decreases (from right to left) cells cannot transmigrate since they cannot build up
sufficient contractile forces in soft ECMs. Colors in (a) and (b) indicate the stretches along
the direction of invasion. (c) Critical feedback strength as a function of the ECM modulus
and the endothelial gap size predicted by the model. The dashed line denotes the phase
boundary for transmigration. On the right-hand side of the phase boundary, αc/𝛽 < 0.87
and the cells can pass through the gap. The model predicts the physical limit of rg ~ 0.3rn
for successful transmigration, corresponding to ~10% of the undeformed nuclear crosssection, in excellent agreement with previous measurements (27). (d) Cytosolic pressure
generated through cortical actomyosin contractility can promote transmigration.
Comparison between the critical feedback strength required for transmigration as a
function of the endothelial gap size with (red) and without (blue) accounting for pressure
exerted on the nucleus due to membrane tension. Model parameters are 𝐾 = 1 kPa, ρ0 =
0.5 kPa, 𝛽 = 2.77 ×10-3 Pa, µn = 5 kPa, µe = 1 kPa, µt = 0.5 kPa in (a), rg = 0.5rn in (b).

By varying the model parameters, we have predicted the normalized critical feedback
strength ( 𝛼𝑐 /𝛽 , where 𝛽 is chemo-mechanical coupling parameter related to motor
engagement, see Supplementary Information for details) as a function of the radius of the
endothelial constriction and the ECM modulus (Figure 4-4c). The model predicts the
physical limit for successful transmigration to be 𝑟𝑔 ~0.3𝑟𝑛 , corresponding to about 10% of
the undeformed nuclear cross-sectional area, in excellent agreement with previous
measurements (27). Our AFM measurements of the elastic properties of components of an
extravasation monolayer assay show 𝜇𝑡 = 211 ± 20 Pa, 𝜇𝑒 = 588 ± 200 Pa, 𝜇𝑛 =
1150 ± 420 Pa. This, together with the geometrical parameters extracted from our system,
implies that cancer cells have to overcome a resistance force of ~38 nN to successfully
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transmigrate through endothelial constrictions as small as 30% of the nucleus size, which
is within the physiological range (122).

4.3.2

Contribution of the cytosolic back-pressure on transmigration

During transmigration, the nucleus can divide the cell into two parts with a pressure
difference (Δ𝑝) between these parts created by the cortical membrane tension in the front
and rear cytosolic compartments. For simplicity, we assume that the membrane tension is
uniform and that the front and rear cytosol compartments are both spherical with radii 𝑟𝑓
and 𝑟𝑟 respectively (Figure 4-4d). The pressure difference (rear - front) can be estimated
as Δ𝑝 = 2𝛾(1/𝑟𝑟 − 1/𝑟𝑓 ), where 𝛾 is the actin cortical tension. Recently it has been shown
that the nucleus partitions the cytoplasm after the cell transports the majority of its cytosol
to the front (21). As a result, 𝑟𝑟 < 𝑟𝑓 , and Δ𝑝 > 0, indicating that membrane tension creates
a positive pressure difference that pushes the nucleus from the back to assist transmigration.
To study the effect of membrane tension and back-pressure from the cytosol, we consider
an extreme case in which the cell translocates almost all cytosol before nuclear
transmigration, meaning 𝑟𝑟 ≈ 𝑟𝑛 and 𝑟𝑓 = 2.5𝑟𝑛 , which is commonly seen in our
experiments with very small gap sizes. To estimate the pressure difference, we consider a
cortical actin tension of 𝛾 = 2 × 10−3 𝐽/𝑚2 based on a previous study (123). The
additional driving force due to cytosolic pressure is Δ𝐹 = Δ𝑝𝜋𝑟𝑔′2 , where 𝑟𝑔′ is the
endothelial gap radius in the current state (Figure 4-4d). For a certain gap size and
mechanical properties of different components, while the resistance force stays the same,
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the required active contractile force for successful transmigration can be smaller when
considering this cytosolic back-pressure ( 𝐹𝛼 = 𝐹 − Δ𝐹 ). Therefore, cytosolic backpressure from membrane tension promotes transmigration.

4.3.3

Lamin A/C level is one of the main determinants of the resistance forces

It has been shown that the levels of the nuclear envelope proteins lamin A and C (lamin
A/C) determine the stiffness of the nucleus (115, 124–126), and lower levels of lamin A/C
facilitate cell migration through tight spaces (26, 28, 127). We studied the influence of
lamin A/C on transmigration by varying the modulus of the NE in our model (Figure 4-5).
The critical resistance force linearly increases with increasing nuclear stiffness. The
contractile driving force also increases with an increase in the nuclear and ECM stiffness,
but eventually reaches a plateau (Figure 4-5). Therefore, transmigration cannot occur due
to the lack of sufficiently large contractile forces if cells have very stiff nuclei (wild-type
cells) (122). For soft nuclei (e.g., lamin A/C-deficient cells), the resistance force is much
smaller than the contractile force, implicating transmigration is much easier for these cells,
but is accompanied by large nuclear deformations, consistent with recent measurements in
microfluidic devices (119).
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Figure 4-5 Resistance force (black) and contractile force of the actin filaments (blue)
plotted as a function of the nuclear shear modulus. The contractile force of the actin
filaments increases with the nuclear modulus. Stiff nuclei are not able to extravasate due
to the lack of sufficiently large contractile forces. Model parameters are 𝐾 = 1 kPa, ρ0 =
0.5 kPa, 𝛼 = 2.4 ×10-3 Pa, 𝛽 = 2.77 ×10-3 Pa, µt = 5 kPa, µn = 10 kPa, rg = 0.5rn.
4.3.4

Effects of compressibility and NE permeability on nuclear volume change

The biochemical interactions of the nuclear proteins are dependent on the amount of
accessible water that regulates the levels of pH, ionic strength and the concentration of
different chemical species within the nucleus. We considered water displacement in and
out of the nucleus (through pores), but also the redistribution of water within the nucleus
as it is compressed locally. The structural organization and function of nuclear
macromolecules rely on the physical and thermodynamic interactions between different
nuclear components and the excluded volume effects of macromolecular crowding. The
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change in water concentration within the nucleus can be directly correlated to the nuclear
volume change through:
1 Δ𝑉
Ω 𝑉0
where 𝑐𝑟𝑒𝑓 is the water concentration in the reference state prior to transmigration and Ω
𝑐 = 𝑐𝑟𝑒𝑓 +

is the volume per water molecule. Therefore, considering its implications on excluded
volume effects as well as water concentration and redistribution, here we investigate the
changes in nuclear volume during transmigration. We estimated the normalized nuclear
volume change (Δ𝑉/𝑉0) as a function of the normalized nuclear position with respect to
the gap (𝑧 ∗ ) considering different constriction sizes. Our model predicts that the nucleus
undergoes substantial shape change during transmigration leading to significant volume
decrease (Figure 4-6a and Figure 4-6c). The experimental model confirmed the large
variations in shape (Figure 4-6b) but did not find significant changes in the nuclear volume
(119), but accurate volume measurements are difficult to obtain even using high resolution
3-D confocal microscopy. In the case of relatively small gaps (𝑟𝑔 = 0.5 𝑟𝑛 ) the predicted
shape change and volume decrease (~24%) are dramatic, leading to significant fluid efflux
that influences the water concentration and macromolecular crowding (Figure 4-6c). For
larger gaps, though the overall volume change is small (~13%, Figure 4-6c) there is still
large reduction (~20%, Figure 4-6d) in localized fluid volume (dilatation) leading to
decrease in the amount of accessible water locally.
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Figure 4-6 Nuclear shapes, spatial distribution of volumetric strains and fluid content as
well as nuclear envelope deformation and rupture: (a) Snapshots of the nuclear shapes at
different stages of transmigration through a small rigid gap (rg = 0.25rn). (b) Nuclear shapes
in experiments of cell migration through constrictions in a microfluidic device. The nucleus
is labeled by mCherry-Histone4 (red), the cytoplasm by GFP-actin (green). Scale bar, 10
μm. (c) The normalized nuclear volume change (Δ𝑉/V0) as a function of nuclear position.
The nucleus experiences large volumetric strains due to fluid expulsion when it passes
through smaller gaps. The model predicts up to ~24% decrease in nuclear volume during
transmigration for the smallest gap (rg = 0.5rn). Also the effect of nuclear permeability on
volume change is shown. (d) The local volume change (dilatation) exhibits large spatial
variations within the nucleus. Contours show the normalized local volumetric strain for a
permeable nucleus passing through a gap size of rg = 0.7rn (red line in (c)), with blue
representing regions with large volume decrease. (e) In-plane stretch just before the nucleus
exits the endothelial gap for: rg = 0.5rn (left) and rg = 0.25rn (right) (only the NE is shown).
The in-plane stretch of the NE is inhomogeneous, with the front and back of the lamina
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being under tension (potential location of lamina rupture and bleb formation) while the side
of the nucleus in contact with the gap is under compression (potential locations for lamina
buckling). Black triangles indicate the gap center. (f) Representative time-lapse images
showing NE rupture at the front of an HT1080 cell passing through a constriction. The NE
rupture was visualized by the spill of NLS-GFP (green) into the cytoplasm and the
accumulation of the cytoplasmic DNA binding protein cGAS-RFP (red) at the site of
rupture at the NE. Scale bar, 10 μm. Model parameters for (a), (c), (d) and (e) are 𝐾 = 1
kPa, ρ0 = 0.5 kPa, 𝛽 = 2.77 ×10-3 Pa, µn = 5 kPa, µt = 5 kPa, µe = 10 kPa.

We also investigated the effects of decreasing the nucleus permeability thereby impeding
fluid outflow and redistribution. To address the effects of permeability, we considered
changing the ‘dry’ Poisson ratio (Poisson ratio of solid phase in the poroelastic material).
Considering values close to 0.5 for the dry Poisson ratio (set as 0.49) implicates almost
non-permeable nuclear envelope with minimal chances of fluid outflow. In this case and
as expected the overall volume changes (~1%) are significantly reduced compared to the
permeable cases (Figure 4-6c). A recent study showed that the nuclei of fibroblasts (NIH
3T3) undergo small volume decrease (<10%) while migrating through tight spaces,
implying limited fluid flow from the nucleus to the cytosol(119). This suggests that the dry
Poisson’s ratio of the nuclei studied here is close to 0.5.

4.3.5

Prediction of lamina buckling and rupture

The NE controls protein trafficking between the cytoplasm and the nucleoplasm and is
essential for protecting the chromatin from being exposed to the cytoplasm. Recently it has
been shown that rupture of the NE during cell migration through rigid constrictions can
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potentially lead to herniation of chromatin across the NE and breaking of DNA double
strands (31, 32). The rupture and blebs are often found at defective sites in the NE where
the nuclear lamina signal was weak or absent (32). Interestingly, the occurrences of these
events were also associated with the size of the constriction, which influences the degree
of nuclear deformation (32). Therefore, we studied the spatial distribution of strains in the
NE and predicted possible locations for NE rupture and buckling as the result of large
nuclear deformation during transmigration. The in-plane stretch of the NE is
inhomogeneous, with the front and back of the lamina being under tension while the side
of the nucleus in contact with the gap is under compression (Figure 4-6e). As a result, the
lamina can rupture in the tensile regions, which in turn can lead to nuclear blebbing (Figure
4-6e). Also in the regions that the lamina is under compression, buckling of the NE has
been reported previously (32, 119, 128). Using a device to apply controlled compression
on the cell, the precise threshold of deformation above which the nuclear lamina ruptures
has been found and correlated with the expression of specific sets of genes, including those
involved in DNA damage repair (129). From these experimental data (129), we estimated
the threshold of in-plane stretch (stretch = 1 + in-plane strain) for NE rupture to be ~1.2.
While the cells pass through small gaps, our model predicts a maximal in the plane stretch
of ~1.3, which exceeds the experimentally measured threshold, indicating the cells are
under high risk of NE rupture during transmigration. The in-plane stretch at the front is
higher than the stretch at the back (Figure 4-6e), suggesting that the front of the nucleus
has a higher chance of rupture, which is consistent with recent findings (32) indicating that
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70% of NE rupture events occur at the front of the nucleus during the process of cancer
cell migration through confined environments (Figure 4-6f). As the gap size increases from
0.25𝑟𝑛 to 0.5𝑟𝑛 , the maximum in-plane stretch decreases from 1.3 to 1.1, corresponding to
a lower likelihood of NE rupture, which is consistent with the positive correlation between
NE rupture and smaller constriction size reported with a microfluidic migration device (32).

4.3.6

Pulling forces as the primary mechanism of transmigration

A recent study identified cortical actin filaments at the back of the cell that can generate
pushing forces at the rear of the nucleus that may facilitate transmigration (130). To
investigate the role of forces acting on the rear of the nucleus, we dissect the influence of
push and pull forces and tested whether push forces acting on the rear of the nucleus can
explain the shape and distribution of strain during transmigration. We estimated the
maximal (𝐸1 ) and the minimal (𝐸2 ) principal strains while mapping them at different stages
of transmigration through rigid constrictions of different sizes (Figure 4-7a). Also we
considered the cases of either having purely pushing forces at the rear of the nucleus or
pulling forces on the front (Figure 4-7a and Figure 4-7b). For all cases we found that 𝐸1
is mostly in the direction of transmigration, while 𝐸2 is approximately aligned
perpendicular to the transmigration direction.

For a relatively large constriction, we find that the nucleus adopts an hourglass shape
whether it is pulled by frontal actomyosin forces or pushed by rear cytosolic forces (Figure
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4-7a). This hourglass shape has been observed in various cell migration experiments (26,
32, 119, 131). Interestingly our model predicts that 𝐸1 and 𝐸2 are mostly tensile and
compressive, respectively, consistent with the experimental patterns of strain maps derived
based on the triangulation between the individual naturally-present dense chromatin foci
(Figure 4-7c) (119). However, for a smaller constriction, the nucleus still adopts an
hourglass shape when it is pulled through, while the pushing at its rear results in an inverted
bolt shape (Figure 4-7b) and appearance of large compressive 𝐸1 that has not been
observed in the experiments (Figure 4-7b). Furthermore, in the case of small gaps, our
simulations suggest that purely pushing forces cannot lead to a successful transmigration
and the nucleus remains stuck in the gap. Therefore, pulling from actomyosin forces at the
front of the nucleus appears to be the primary driving mechanism of transmigration,
particularly for small constrictions.
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Figure 4-7 Nuclear strains during transmigration. (a, b) Graphical representation of spatial
distributions of strains in the nucleus at different stages of transmigration through large (a)
(rg = 0.5rn) and small (b) (rg = 0.25rn) rigid constrictions under either pushing (left) or
pulling (right) forces. (c) The experimental strain maps of lamin A/C-deficient cells
(bottom) based on triangulation between present dense chromatin foci (top). Scale bar, 10
μm. Model parameters are 𝐾 = 1 kPa, ρ0 = 0.5 kPa, 𝛽 = 2.77 ×10-3 Pa, µn = 5 kPa, µt =
5 kPa.

4.3.7

Effects of plasticity on irreversible nuclear deformations

Previously, Pajerowski et al. reported that cell nuclei experience irreversible deformation
after the release of pressure applied by a micropipette (110). A later study showed evidence
that dynamic loading of the nucleus can lead to permanent structural changes in chromatin
(132). Since these studies indicate the existence of significant plastic nuclear deformations,
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we studied the plastic behavior of the nucleus by treating the filled material (representing
the chromatin) as an ideal plastic material (which is the extreme limit of a shear thinning
material), with no strain hardening after yielding (Figure 4-8a) and the NE is treated as a
permeable hyperelastic shell. An ideal plastic material shows elastic response when the
stress is below the yield stress; it undergoes plastic (permanent) deformation without any
increase in stresses beyond the yield stress (note that we ignored the effect of hydrostatic
pressure on plastic flow since it does not influence the qualitative trends). The
representative nuclear shapes together with the contour plots of the normalized von Mises
stress (with respect to the yield stress, 𝜎𝑦 ) during transmigration through a relative small
rigid constriction (𝑟𝑔 = 0.4𝑟𝑛 ) are shown in Figure 4-8b, left panel. Due to the presences
of stresses that exceed the yield stress, the interior of the nucleus undergoes plastic
deformation while the elastic properties of the NE still work towards restoring nuclear
shape, leading to a permanent prolate ellipsoid shape after exiting the constriction, which
is very similar to experimental observations (Figure 4-8c, left panel). This conflict between
the respective elastic and plastic deformations of the NE and the chromatin results in an
inhomogeneous residual stress within the nuclear interior following complete
transmigration (Figure 4-8b, left panel).

Experimentally it has been shown that the nuclei of cells lacking lamin A/C exhibit larger
irreversible shape changes after moving through tight spaces (119, 127) (Figure 4-8c, right
panel). To capture effects of lamin A/C deficiency on plastic deformation and final shape
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of the nucleus, we considered a compliant NE that is significantly softer (90% softer,
Figure 4-8b, right panel) than the control, which represents the wild-type NE with normal
levels of lamin A/C (Figure 4-8b, left panel). The nuclei of lamin A/C-deficient cells
undergo much larger irreversible deformation with a significantly larger nuclear aspect
ratio of 2.06 compared to wild-type cells with the aspect ratio of 1.52 (Figure 4-8b, left
and right panels). Due to the softer NE, the residual stress within the chromatin decreases
and shows a more homogenous distribution after the cell fully exits the constriction
compared to wild-type cells. These predictions from our model are in an excellent
agreement with our experimental data (Figure 4-8c) indicating that following
transmigration the nuclear aspect ratio increases by ~2.2=3.78/1.74 fold (where 3.78 is the
aspect ratio before and 1.74 after transmigration) for the case of lamin A/C-deficient cells
that is significantly larger than that of wild-type cell (~1.15=2.12/1.85 fold increase).
Taken together our model predictions confirm that lamin A/C regulates nuclear
deformability and that nuclei lacking lamin A/C are more plastic and undergo larger
irreversible deformation than nuclei from wild-type cells.
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Figure 4-8 Impact of chromatin plasticity and lamina stiffness on nuclear shapes after
transmigration. (a, b) The nucleus changes its shape from a spheroid to prolate ellipsoid
during transmigration when the plastic nuclear matter is considered. (a) Chromatin is
assumed to be ideally plastic, with no strain hardening after yielding. The stress-strain
response of the chromatin is shown in the bottom panel. (b) Normalized von Mises stresses
(measured relative to the yield stress (σy)) of the nuclear matter during transmigration
through a rigid constriction for wild-type (left) and lamin A/C-deficient (right) cells. Due
to the presences of stresses that exceed the yield stress, the nucleus undergoes plastic
deformation leading to a permanent change in shape after exiting the constriction. Lamin
A/C deficient cells undergo larger irreversible shape change than wild-type cells. Model
parameters: µn = 5 kPa, rg = 0.4rn. (c) Representative nuclear shapes during different
stages of transmigration for wild-type (left) and lamin A/C-deficient (right) cells indicating
larger irreversible nuclear shape change for lamin A/C-deficient cells compared to wildtype controls, consistent with the simulations. The nucleus is labeled by H2B-mNeon
(green). Scale bar, 10 μm.
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4.4 Conclusions
Focusing on nuclear mechanics, we studied the ability of cells to pass through tight
interstitial spaces depending on the mechanical and geometrical features of the cell and the
extracellular environment with a chemo-mechanical model. We predicted that cells
transmigrate more easily with a stiff ECM and large endothelial/constriction gap (Figure
4-4c) and estimated the minimal actomyosin contraction force required for transmigration
of the nucleus. Indeed, recent experiments suggest that the cells are not able to transmigrate
either when contractility (133, 134) is abolished or when nesprin links (134) and/or
integrins (22) are inhibited. Cells also deform the endothelium and create a larger opening
to facilitate transmigration, which implicates that the endothelial cells around the opening
are under compression, leading to rupture of cell-cell adhesions within the endothelium.
We also quantitatively investigated the influence of transmigration on cell nuclei including
nuclear shapes, chromatin deformations, and nuclear envelope deformations. Our results
predict nuclear shape profiles that closely agree with both our experimental observations
and previously published data (26, 27, 32, 119). Furthermore, investigating the nuclear
profiles and the distribution of strain within the nucleus, we conclude that the primary
driving forces (particularly for transmigration through small gaps) are those that pull the
nucleus from the front. This is consistent with the experimental observations of dense
regions of actin at the leading edge of cell protrusions extending into the sub-endothelial
ECM during tumor cell extravasation (22). Considering plasticity associated with
chromatin structure (132) we captured the effects of irreversible nuclear shape changes
102

(Figure 4-8) and verified recent observations suggesting that cells lacking lamin A/C are
more deformable and undergo more plastic deformations (127).

Our model further predicted that transmigration places extensive physical stress on the
nucleus and the NE, particularly at the leading edge, and that the in-plane stretch of the NE
can exceed the critical stretch value of ~1.2, placing cells at high risk of NE rupture during
transmigration. A major function of the NE is to act as a barrier separating chromatin from
the cytoplasm, with nucleo-cytoplasmic exchange closely controlled by the nuclear pore
complex. Transmigration induced rupture of the NE exposes the genomic DNA to normally
cytoplasmic factors (Figure 4-6f), including nucleases, which could result in DNA damage,
as observed in recent studies (31, 32). While cells in those studies were generally able to
tolerate NE rupture and DNA damage, combined inhibition of ESCRT-III mediated NE
repair and DNA damage repair pathways substantially increased the rate of cell death
during transmigration (31, 32), highlighting the importance of maintaining NE integrity
during migration. Importantly, some cells also exhibit DNA damage during transmigration
through small constrictions even without NE rupture (31). In these cases, DNA damage
could result from mechanical straining of the chromatin and/or from volume changes of
the nucleus. Our model and experimental data indicate that the nucleus undergoes
significant shape changes during transmigration (Figure 4-6a), associated with large
intranuclear strains (Figure 4-7) that impose substantial mechanical stress on the chromatin,
which may be sufficient to induce DNA damage. Nuclear volume changes and (local)
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efflux of water and soluble nuclear components could further contribute to DNA damage.
A previous study found that loss of DNA repair enzymes can potentially lead to irreversible
DNA damage (135). These enzymes are small molecules and their activity is highly
dependent on the distribution and the amount of water accessible to them within the nucleus.
Our model predicts an overall volume decrease of up to 24%, which could be sufficient to
induce DNA damage by water redistribution and the local loss of DNA repair enzymes.

Our model provides support for the existence of all three mechanisms, which could occur
alone or in combination. Currently, the relative contribution of NE rupture, chromatin
strain, and nuclear volume change for DNA damage incurred during transmigration
remains unclear. Predictions from our model regarding the expected localization of DNA
damage, depending on the specific DNA damage mechanism, may be used in combination
with quantitative, high resolution time-lapse imaging experiments to fully elucidate the
molecular and biophysical details of DNA damage during transmigration.

While these observations pertain specifically to tumor cell transendothelial migration, they
are widely applicable to any situation in which a cell needs to pass through narrow
constrictions, such as during migration through interstitial spaces (typically ranging from
2 – 20 μm). Note, however, that in the current simulations, the monolayer gap size at zero
stress is taken as fixed, whereas in the case of the endothelial monolayer, it will vary with
the degree to which cell-cell adhesions rupture due to the forces generated during
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transmigration. Nonetheless, in the particular case of TEM, these findings may have
important implications with respect to the tendency of tumor cells to survive and proliferate
once they extravasate into tissue from the vascular system. Studies are therefore needed to
investigate changes in the phenotype of cells that have undergone TEM.

In summary, we proposed a model for cell transmigration that provides testable predictions,
which are in accord with our experiments and existing literature. The model addresses key
factors such as nuclear shape change and nuclear strain, which are crucial to determine the
ability of cancer cells to invade and move through the surrounding matrix and which may
also help predict the anticipated extent of DNA damage. By tuning the model parameters,
our simulations can be adapted to understand cell transmigration for other cells and matrix
systems. This work, therefore, provides a framework to assess the roles of mechanical and
geometric features on cell migration across monolayers and through 3D matrices.
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Chapter 5 Endothelial Gap Formation is Mediated by Coupled Junctional
Integrity and Adaptive Cellular Contractility
Synopsis
The junctional integrity of endothelial monolayers is crucial to control the movement of
molecules and cells across the endothelium. While endothelial cell-cell adhesions and
intracellular contractility are recognized to be the primary modulators of junctional
integrity, the interplay between the two has not been studied quantitatively. Here, we
developed a chemo-mechanical model to elucidate how the two-way feedback coupling
between cellular contractility and VE-cadherin binding dynamics regulates the formation
and development of endothelial junctional disruption. We showed that the endothelial gaps
nucleate at triple-cell junctions due to the concentration of cellular contraction forces. As
the gap develops, the cell senses a ‘softened’ junction and decreases its contraction due to
the chemomechanical feedback mechanism, which eventually stalls the gap development.
We found that enhanced RhoA activity leads to large gap formation, which can be rescued
by increasing Rac1 activity. The model developed here can be used as a predictive
framework to study the endothelial barrier function during cancer extravasation.

5.1 Introductions
The inner surface of the vasculature, called the endothelium, is an active barrier controlling
the trafficking of molecules as well as the transmigration of cells across the vessel wall.
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The barrier function of the endothelium is mainly achieved through tight regulation of
endothelial cell-cell junctional dynamics. Endothelial gaps form as the result of disruptions
in the cell-cell junctions, and impact pathophysiological processes involved in
development, inflammation, wound healing, angiogenesis and tumor metastasis (136, 137).
For instance, weakening endothelial junctions leads to increased vascular permeability
(138), which contributes to disease progression such as ischemia (139). On the other hand,
it is known that endothelial gaps are the most plausible route allowing paracellular
transmigration of immune and cancer cells (44). Vascular endothelial cadherins (VEcadherins) form transcellular bridges between two endothelial cells and are the principal
components of adherent junctions. Immune and cancer cells need to break the VE-cadherin
bonds to create gaps, which are further used as routes for paracellular transmigration (140).
In vitro studies have shown that reduced expression of VE-cadherins leads to endothelial
junction failure, gap formation and increased permeability (141, 142). Endothelial gap
formation and widening are frequently accompanied by failure of VE-cadherin bonds (143)，
whose dynamical behavior relies heavily on the mechanical force they transmit (144–146).

Our recent studies on the confluent monolayer of human umbilical vein endothelial cells
(HUVECs) suggest that the endothelial junctions experience spontaneous disruption and
subsequent healing in the absence of shear stresses. The gaps formed between endothelial
cells in this process can persist over 30 mins, sufficient for the extravasation of cancer cells
(147). Although our study demonstrates that the endothelial monolayer is able to detect the
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disruption sites and prevent them from growing further, it is not clear what intercellular or
intracellular cues are responsible for limiting the size of the gaps and how they
subsequently heal.

Here we present a chemomechanical model to study the endothelial junctional integrity
with a focus on the roles of cell contractility, the density of VE-cadherins and their binding
dynamics. We identify a feedback loop involving stress-dependent cell contractility and
the effective stiffness of the junctions which plays a critical role in determining the
dynamics and size of endothelial gaps. When the impact of unbinding and rebinding of
VE-cadherins is considered, the model successfully reproduces the nucleation and stall of
gap growth, which is observed in our experiment. Small GTPases (such as RhoA and Rac1)
have different roles in the maintenance and stabilization of the endothelial barrier (49). Our
model shows how RhoA activity level presents a bi-phasic impact on junction disruption
and gap formation. We predict a phase diagram for junction disruption as a function of
RhoA activity level and VE-cadherin density. Our work provides a quantitative framework
to study endothelial junction integrity and vascular permeability during extravasation and
inflammation.
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5.2 Methods
5.2.1

Overview of the theoretical approach

To investigate the influence of intracellular and intercellular cues on the integrity of
endothelial cell junctions, we developed a chemomechanical model of the cell network to
simulate junctional dynamics as well as the formation and evolution of intercellular gaps.
Specifically, we built a structural model for the endothelial network and introduced an
active model (16) to describe the contractile behaviors of both cytoplasmic actin and the
cortical actin (Figure 5-1a-c). We predict the intercellular force profiles using the above
models, which is combined with the dynamics of VE-cadherins to study the evolution of
endothelial junctions (Figure 5-1d and e). The details of every model element are
described in the following sections, and the model parameters are listed in Table 5-1.
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Table 5-1 List of parameters used in the model.
Model
Description
Value
Parameter
𝑘𝑐𝑎𝑑ℎ𝑒𝑟𝑖𝑛 VE-cadherin bond stiffness
0.5 𝑝𝑁/𝑛𝑚
𝜌𝑐𝑎𝑑ℎ𝑒𝑟𝑖𝑛 VE-cadherin density
100 𝜇𝑚−2
‘Slip force’ for catch-slip
𝑓𝑠
16.8 𝑝𝑁
model
Dimensionless parameter for
𝛷𝑠
−1.778
the catch-slip model
‘Catch force’ for catch-slip 3.471 𝑝𝑁
𝑓𝑐
model
Dimensionless parameter for
𝛷𝑐
2.942
the catch-slip model
On-rate of VE-cadherin
𝑘𝑜𝑛
1.2 𝑠 −1
Cell shear modulus
𝜇
0.769 𝑘𝑃𝑎
𝐾
𝜌0𝑐𝑎
𝛽𝑐𝑎
𝛼𝑐𝑎
𝜌0𝑐𝑝
𝛽𝑐𝑝
𝛼𝑐𝑝

3 𝑘𝑃𝑎

Cell bulk modulus

Initial motor density for
0.8 𝑘𝑃𝑎
cortical actin
Motor turnover parameter for 2.77 𝑘𝑃𝑎 −1
cortical actin
Chemomechanical feedback 2.7 𝑘𝑃𝑎−1
parameter for cortical actin
Initial motor density for 0.05 𝑘𝑃𝑎
cytoplasm
Motor turnover parameter for 3.05 𝑘𝑃𝑎 −1
cytoplasm
Chemomechanical feedback 2.7 𝑘𝑃𝑎−1
parameter for cytoplasm
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Source
Estimated from Ref. (145)
Estimated from Ref. (80)
Estimated from Ref. (145)
Estimated from Ref. (145)
Estimated from Ref. (145)
Estimated from Ref. (145)
Ref. (64)
In the range
(16)
In the range
(16)
In the range
(16)
In the range
(16)
In the range
(16)
In the range
(16)
In the range
(16)
In the range
(16)

given by Ref.
given by Ref.
given by Ref.
given by Ref.
given by Ref.
given by Ref.
given by Ref.
given by Ref.

5.2.2

The chemomechanical feedback model for endothelium network

We used a two-dimensional Voronoi polygonal network (148) to mimic the randomly
distributed endothelial cells within a monolayer (Figure 5-1a). The individual cell model
includes subcellular components such as the nucleus, cytoplasm, and cortical actin, while
for extracellular connections, a layer of breakable springs is considered between the cell
boundaries to represent the VE-cadherin bonds (Figure 5-1b). A thin layer of cortical actin
is placed along the cell boundaries within each cell connecting the VE-cadherin bonds and
the cytoplasmic cytoskeleton. To capture stress-dependent contractility of the cortical and
the cytoplasmic actin, the model is integrated with a chemomechanical feedback model
(16). As described in our previous study (16), the forces transmitted through intercellular
junctions trigger a variety of biochemical processes that activate Src-family kinases (SFKs)
(149) as depicted in Figure 5-1c. SFKs act on Rho-GTPases by controlling the activity of
guanine nucleotide exchange factors (GEFs) and GTPase activating proteins (GAPs).
Increased Rho-GTPases promotes Rho kinase that results in phosphorylation of myosin
phosphatase targeting protein (MYPT), leading to switching of myosin motors from
inactive states (red in Figure 5-1c) to active states (green in Figure 5-1c). This effect, in
turn, increases contractile forces generated by the cell. Considering stress-dependent
contractility, the stress in the actomyosin network can be written as,
𝜎 = 𝜌 + 𝐾𝜀

(5-1)

where 𝜌 is the density of myosin motors in the actin network, 𝜀 is the network strain, and
𝐾 is the effective passive stiffness of the actin (16). The first and second terms in the
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equation denote the active and passive contributions to the stress, respectively. The
contractility itself depends on the chemomechanical coupling discussed above and can be
written as,
𝜌=

𝛽𝜌0
𝛼𝐾 − 1
+
𝜀
𝛽−𝛼
𝛽−𝛼

(5-2)

where 𝜌0 is the baseline motor density, 𝛼 and 𝛽 denote chemomechanical coupling
parameters (with the criterion 0 < 𝛼/𝛽 < 1 ) regulating stress-dependent signaling
pathways and engagement of motors respectively (Figure 5-1c). The above relation
reflects the fact that contractility increases with tension (𝜀 >0) and that the cell generates
large contractile forces for large values of the feedback parameter, i.e. 𝛼 → 𝛽 , while
reduced the strength of feedback parameters represents down regulation of the signaling
pathways, leading to inhibition of contractility (16).

It is known that the small GTPases have different roles in the maintenance and stabilization
of the endothelial barrier (49). Previous studies have shown that RhoA activates Rho kinase,
which inactivates myosin light chain (MLC) phosphatase, leading to increased MLC
phosphorylation and actin-myosin contractility (150–152). Rac1 is another important
GTPase primarily targeting cortical actin, and its activation leads to accumulation of
cortactin in the cortex(153, 154), which in turn promotes cortical actin assembly and
reorganization (155). Furthermore, specific Rac1 effectors (PAK1 and PAK4) activate
LIM kinase, leading to cofilin phosphorylation that stabilizes cortical actin (156). Thus,
while RhoA activates Rho kinase to increase the contractility within cytoplasmic actin,
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Rac1 promotes cortical actin assembly through cortactin and LIM kinase (Figure 5-1c). In
summary, the contractions induced by cortical actin and cytoplasmic actin depend on
mechanical stimuli but are regulated by different signaling pathways. To address these two
distinct contraction generation mechanisms, we introduce two sets of parameters: 𝜌0𝑐𝑎 , 𝛽𝑐𝑎 ,
and 𝛼𝑐𝑎 for the cortical actin; 𝜌0𝑐𝑝 , 𝛽𝑐𝑝 , and 𝛼𝑐𝑝 for the cytoplasmic actin.

5.2.3

Criteria for binding/unbinding state of VE-cadherin bonds

VE-cadherins are cell-cell adhesion proteins that play a key role in the formation and
maintenance of multicellular tissue structures (157). Molecular level studies indicate that
the contacts between VE-cadherin and extracellular domains exhibit catch-bond behavior
at low forces with high Ca2+ concentration and slip-bond behavior at large forces with low
Ca2+ concentration (144, 145, 158). To study the influence of different regimes of force on
endothelial junctional behavior, we applied a recently developed catch-slip bond model of
Novikova et al. (159) in which the dissociation rate of a single bond (𝑘𝑜𝑓𝑓 ) is described by,
𝑓
𝑓
𝑘𝑜𝑓𝑓 = exp( − 𝜙𝑠 ) + exp(𝜙𝑐 − )
𝑓𝑠
𝑓𝑐

(5-3)

where 𝑓 is the force acting on a single VE-cadherin bond. The parameters for the models
are obtained by fitting the lifetime (𝑡𝑙𝑖𝑓𝑒𝑡𝑖𝑚𝑒 = 1/𝑘𝑜𝑓𝑓 ) to experimental measured lifetime
of single VE-cadherin bonds (145) as shown in Figure 5-1d. The model naturally gives a
catch-slip transition force (𝑓𝑐𝑠 ), at which the bond lifetime reaches the maximum. When
𝑓 < 𝑓𝑐𝑠 , lifetime increases as the force increases, a characteristic of ‘catch’ behavior; while
when 𝑓 > 𝑓𝑐𝑠 , lifetime decreases as the force increases, also referred to as the ‘slip’ regime.
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The master equation describing the time evolution of the binding probability (𝑃𝑏 ) for VEcadherins can be written as,
𝑑𝑃𝑏
= (1 − 𝑃𝑏 )𝑘𝑜𝑛 − 𝑃𝑏 𝑘𝑜𝑓𝑓
𝑑𝑡

(5-4)

where 𝑘𝑜𝑛 is the association rate of dissociated VE-cadherins which is set as a constant. In
the steady state where 𝑑𝑃𝑏 /𝑑𝑡 = 0, the binding probability can be written as,
𝑃𝑏 =

𝑘𝑜𝑛
𝑘𝑜𝑛 + 𝑘𝑜𝑓𝑓

(5-5)

With the VE-cadherin force (𝑓) predicted by the chemomechanical model, the binding
probability for VE-cadherin bonds (𝑃𝑏 ) can be determined by combining Eq. (5-3) and (55). Previous experiments (145) suggest a threshold force around 22 pN for the unbinding
of a single VE-cadherin bond. Applying this value to the above equations, we obtain a
threshold probability for unbinding around 0.25. Hence, in this work, we assume that the
VE-cadherin bonds are connected when 𝑃𝑏 ≥ 0.25 while they are free when 𝑃𝑏 < 0.25
(Figure 5-1e).

5.2.4

Putting it all together: prediction of junction evolution based on the crosstalk
between cell contractility and junction stiffness

We assumed that initially all VE-cadherin bonds are connected and predicted the
intercellular force profile along all cell boundaries. By combining the force profile with the
force-dependent criteria for VE-cadherin binding/unbinding, we predict the binding
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probability (𝑃𝑏 ) of VE-cadherin bonds. We disconnect those bonds with low binding
probability (𝑃𝑏 < 0.25), which gives a new binding status for the cell-cell boundary. Next,
the new binding status is fed back to the endothelial network model, which generates a
corresponding cellular contraction level. After several iterations, a junction that reaches the
maximal disruption state with no further VE-cadherin unbinding events is observed, which
is accompanied with the maximal gap formed. Since the size of gap directly impacts the
permeability as well as the probability of successful transendothelial migration, in this
work we will focus on the size of the maximal gap generated in the endothelium network.

5.2.5

Experimental setup

In order to mimic endothelial monolayer in a physiological state and enable high-resolution
confocal live-imaging of endothelial gaps, HUVEC monolayers were cultured on top of
thin layers (~60 µm) of collagen. Briefly, Human Umbilical Vein Endothelial Cells (Lonza,
expanded to passage 3) were transduced with GFP tagged VE-cadherin (160) and expanded
and cryopreserved at passage 6. Transduced HUVECs (350,000 at passage 7) were seeded
on top of collagen substrate (rat tail type I, Corning, 2.5 mg/ml, the thickness of ~60 µm)
formed in the central region of Mattek glass-bottom dish prior to seeding. Two days
following seeding, a uniform semi-permeable HUVEC monolayer with physiologically
relevant permeability (tested with dextran diffusion) was formed. The dynamics of gap
opening were captured over 3 hrs (every 10 min) using live confocal imaging (Olympus
FV1000, 63X oil objective) to image the dynamics of VE-cadherin under physiological
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incubation condition (37°C, 5% CO2). To improve the quality of imaging, in a few cases
Alexa Fluor 647-conjugated PECAM-1 antibody (Hu CD31, BD BioSciences) was applied
to the monolayer and washed to image junctional dynamics for a short period of time (~1
hr). To obtain enough measurements for statistical analysis, six regions on three separate
dishes containing fully confluent HUVEC monolayer were experimentally tested.
Fluorescence time-lapse images of cell junctions were manually analyzed using ImageJ to
measure frequency and duration of gaps identified as void regions along junctions with
sizes greater than ~2 µm.
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Figure 5-1 Description of the model: (a) The structural model consists of cells distributed
in a two-dimensional Voronoi polygonal network with periodic boundary conditions.
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Three essential subcellular components are included in the model: the nucleus (blue), the
cytoplasm (light green) and the cortical actin (dark green). (b) A layer of breakable springs
represents VE-cadherin bonds and connects the cell-cell boundaries. The contractile
behaviors of both cytoplasmic actin and cortical actin are modeled by a chemomechanical
feedback model which account for the molecular mechanisms are depicted in (c). (d) The
lifetime of a single VE-cadherin bond as a function of applied force measured by
experiments and fitted by a catch-slip model. Cadherins present catch behavior under
forces smaller than the catch-slip transition force fcs, while they show slip behavior at forces
larger than fcs. By integrating the structural model and chemomechanical feedback model,
we achieved the intercellular force profile, which is further combined with the cadherin
binding dynamics to determine the intercellular binding state (e). The updated binding state
is fed back to the structural model to update the cellular contraction levels, which creates
a new binding state. The simulation stops after several iterations when no more unbinding
events are observed.

5.3 Results
5.3.1

Endothelial cell junctions experience disruption and subsequently heal in the
absence of shear flows

Previous studies have shown that hemodynamic shear stress plays a crucial role in the
maintaining endothelial barrier function; a reduction in the shear force in several
pathological situations lead to increased junction failure (161, 162). Here, we cultured
confluent monolayer of human umbilical vein endothelial cells (HUVECs) on collagen gels
and studied the cell-cell junction evolution without shear flow. We find that gaps nucleate
in the endothelial junctions, subsequently, grow and stabilize, but heal eventually (Figure
5-2a). As shown in Figure 5-2b, the junctions disrupt more frequently at the vertices
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(tricellular junctions) rather than the borders (bicellular junctions). The intercellular gap
formed persists over 30 mins (Figure 5-2c). Our quantitative measurement shows that the
possibility of observing a disruption (gap) at vertices is approximately 9 times higher than
that at borders (Figure 5-2d). Taken together, our data suggest that endothelial cell
junctions experience disruptions and subsequent healing without shear flow, and the
disruptions occur more frequently at the vertices compared to the borders.

5.3.2

Intercellular cellular force profile determines the sites of initiation of junction
disruption

The intercellular force profile of a representative cell in the network obtained using our
computational approach is shown in Figure 5-2e. Clearly, the VE-cadherin bonds at the
vertices are subject to larger forces compared to the borders. To understand the underlying
reason for the presence of large forces at vertices, we examined principle stress induced by
cell contraction at the border and the vertex. Since cortical actin has a quasisarcomeric
structure along the bicellular junction (border), the contractile stresses generated by the
cortical actin act along the borders as shown in Figure 5-2f, left panel. When two
neighboring cells have the same levels of contraction, the deformations induced by the two
cells are identical, and no forces are transmitted through the VE-cadherin bonds. For a
tricellular junction, tensile forces (arrows) generated by cortical actin contraction lead to a
‘tug of war’ at the vertices, resulting in high levels of force (Figure 5-2f, right panel). In a
typical case where neighboring cells within monolayer network have different contraction
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levels, the force profile deviates from the ideal case, but even in this case, the tricellular
junctions sustain larger forces as shown in Figure 5-2e.

Previous work (163) suggests that catch-bond behavior is responsible for the maturation
and reinforcement of junctions, while the slip-bond behavior is the reason for the failure of
junctions. Recent experiments (144, 145, 158) on individual cadherin bond have shown
that the kinetics of VE-cadherin bonds can be described by a catch-slip model as shown in
Figure 5-1d. This model naturally gives a catch-slip transition force, 𝑓𝑐𝑠 , at which lifetime
of the bond reaches its maximum. To understand how disruptions are initiated, we studied
the binding probability of under three conditions: low, intermediate and high contraction
levels, corresponding to different RhoA levels (represented by the parameter, 𝛼𝑐𝑝 )
respectively. The initiation sites of disruption are defined as the locations with low binding
probability (<0.25) when all VE-cadherins are connected. When the contraction level is
low, the forces on VE-cadherin bonds are much smaller than 𝑓𝑐𝑠 , the VE-cadherins are in
the catch regime where smaller force gives lower binding probability (𝑃𝑏 ). Since the
intercellular forces are lowest at the middle of bicellular junction (Figure 5-2e), the
initiation sites of disruptions are found at these positions as shown in Figure 5-2g. When
the contraction level is in the intermediate range, the forces on VE-cadherin bonds are close
to 𝑓𝑐𝑠 , the lifetime and binding probability (𝑃𝑏 ) reach their maximum levels. Therefore, no
disruptions are observed as shown in Figure 5-2g. When the contraction level is high, the
forces on VE-cadherin bonds are much higher than 𝑓𝑐𝑠 , the unbinding kinetics fall into the
120

slip regime where larger force gives lower binding probability ( 𝑃𝑏 ). Therefore, the
disruptions are found to initiate at the tricellular junctions as shown in Figure 5-2g. Our
experiments show that the disruptions occur more frequently (Figure 5-2b) and are more
likely (9 times higher) at the vertex than the border (Figure 5-2d). Based on our model,
the endothelial network studied in the experiments is in the high contractility range (large
𝛼𝑐𝑝 ) and VE-cadherins are in the slip regime. Hence, we applied the chemomechanical
feedback parameters ( 𝛼𝑐𝑝 ) corresponding to a high level of contraction for the VEcadherins in the rest of the study.
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Figure 5-2 Gap formation in endothelial cells and estimation of intercellular forces. (a) A
snapshot of HUVECs cultured as a confluent monolayer on a thin collagen gel. Three states
of a typical triple cell junction (vertex): nucleation, growth and stabilization and healing.
(b) The frequency of rupture at vertices is higher compared to borders; (c) the duration of
disruption at the vertex and the border (right panel) are similar; mean ± s.d., 𝑛 ≥ 15, ∗
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𝑃 < 0.05. (d) Probability of observing gaps at vertices or at borders. (e) Intercellular force
map along the cell-cell junctions of a representative cell showing the triple cell junctions
(vertex) bear significantly larger forces compared to two cell junctions (border). (f)
Schematics of VE-cadherin bonds experiencing forces generated by identical levels of
contraction in all cells. At the triple cell junctions, significant intercellular forces are
generated due to the “tug of war” between the boundaries that intersect at the junctions. (g)
Initiation sites of disruption for different levels of cytoplasmic contractile states. At low
contractility, the cadherins forces are in the catch regime (𝑓 < fcs), and junction disruption
initiates at the borders. At intermediate contractility (𝑓~ fcs), no junction disruptions are
nucleated. When contractility is high, the cadherin forces are in the slip regime (𝑓 > fcs)
and the junction disruption initiates at the vertices.

5.3.3

Junction disruptions nucleate from the vertex and stall when the driving force
vanishes, leading to a maximal gap size

By considering the feedback between cellular contraction and VE-cadherin unbinding
dynamics, we predicted a representative gap evolution in comparison with the experiment
as shown in Figure 5-3a. Both results show that junction disruption nucleates from the
vertex, grows along the border and reaches a maximized disruption state. We quantified
the percentage of disrupted junctions (disrupted junction size/total junction size) during the
evolution and found that it eventually reaches a plateau (Figure 5-3b). Interestingly, the
normalized contractility (averaged over all cells) decreases as the disruption grows (Figure
5-3b, black curve). This because actin network adjacent to the advancing disruption front
senses a “softened” junction as the VE-cadherins unbind, leading to decreases in both
cortical and cytoplasmic contractile stresses due to the chemomechanical feedback
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mechanisms involved. Eventually, the forces on VE-cadherins are too small to break the
bonds and the disruption stalls. In summary, disruption nucleates at the cell vertex and
grows along the border, and the adaptive contractility brought by chemo-mechanical
feedback mechanism allows the cell to adjust its contraction level, prevents the disruption
from further growing.

Figure 5-3 Adaptive cellular contraction leads to maximum disruption where the
disruption stops growing. (a) Disruption evolution predicted by the model and observed by
experiments. Both sets of results show that disruptions nucleate at the vertices, grow along
the borders and then reach a maximized disruption state. (b) Evolution profile of the
normalized contractility (averaged over all cells) and disrupted junction percentage. The
inserted figure shows the VE-cadherin binding status at the maximum disruption state. Cell
contraction induces large forces at vertices, disrupting VE-cadherin bonds. As the
disruption propagates, the actin network adjacent to the advancing disruption front feels an
effectively “softened” junction, which leads to smaller cellular contractions due to the
chemomechanical feedback mechanisms involved.
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5.3.4

Optimum RhoA activity prevents junction disruption, and enhanced RhoA activity
leads to large gap formation

The contractile behavior of endothelial cells is crucial to the integrity of junctions and is
controlled by various biochemical pathways such as the Rho-ROCK pathway (Figure
5-1e). To test the flexibility of our model in mimicking different conditions (different
cellular contraction levels, for example), we studied the influence of RhoA, one of the wellstudied biochemical regulators, on the endothelial barrier function (quantified by the
percentage of disrupted junction). Previous studies have shown that enhancement in RhoA
activates Rho kinase, leading to increased cellular contraction (150–152). Therefore, the
influence of RhoA activity can be captured in our model by increasing the
chemomechanical feedback parameter (𝛼𝑐𝑝 ), which leads to the upregulation of myosin
motor recruitment and higher contractility.

We used the percentage of disrupted junctions to quantify endothelial barrier integrity and
studied its response to different levels of RhoA activity. As shown in Figure 5-4a, we
found that as the RhoA activity increases, the percentage of disrupted junctions at first
decreases, reaches a valley where no disruption is observed, and finally goes up. This
suggests that there is an optimum RhoA activity level where disruption and gap formation
can be prevented, and the RhoA activity level has different effects on endothelial barrier
function. In agreement with this finding, previous experimental studies suggest that large
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doses of thrombin activate RhoA and induce vascular leak, while small doses are protective
(151, 164).

Figure 5-4 Comparison with experiments. (a) Disrupted junction percentage of the
maximized disruption state at different RhoA activity levels (chemomechanical feedback
strength). Inserted figures show the VE-cadherin binding status at maximized disruption
state for different RhoA activity levels. Disrupted junction percentage first decreases,
reaches a bottom and then increases. This trend suggests that there is an optimum RhoA
level where disruption and gap formation can be prevented. (b) For the maximized
disruption state, the average opening gap area per junction expands as RhoA activity
increases. (c) As the VE-cadherin density increases, disrupted junction percentage
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increases at low RhoA activity level but decreases at high RhoA activity level. (d) Influence
of RhoA activity and VE-cadherin density on the percentage of disrupted junctions at
maximized disruption state.

The inset in Figure 5-4a shows the VE-cadherin bonding status for different RhoA activity
levels. At low RhoA activity, 𝛼𝑐𝑝 /𝛽𝑐𝑝 < 0.5, cellular contraction cannot provide enough
force to stabilize the VE-cadherin bonds, and all junctions are disrupted. At the optimum
RhoA activity level, the force transmitted by the VE-cadherin bonds is close to the catchslip transition force (𝑓𝑐𝑠 ), leading to the stabilization of VE-cadherin bonds. At high RhoA
level is high, 𝛼𝑐𝑝 /𝛽𝑐𝑝 > 0.7, large forces on VE-cadherins leads to failures at the borders.

Next, to understand the influence of RhoA activity on extravasation, we studied gap
formation when RhoA activity is high, 𝛼𝑐𝑝 /𝛽𝑐𝑝 > 0.7, where junction disruption increases
with enhanced RhoA activity. As expected, the opening gap area per junction increases
with increased RhoA activity (Figure 5-4b). This shows that higher RhoA level facilitates
tumor cell transmigration. In summary, when RhoA activity is enhanced, gaps formed at
tricellular junction become larger, which may increase permeability and facilitate immune
and tumor cells extravasation. These predictions are consistent with previous studies
suggesting that RhoA activation reduces endothelial barrier functions (49, 165).
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5.3.5

Enhanced Rac1 activity maintains endothelial junction integrity at high levels of
RhoA

Rac1 is a GTPase primarily targeting cortical actin. Its activation leads to accumulation of
cortactin at cell borders (153, 154), which, in turn, promotes cortical actin assembly and
reorganization (155). Rac1 plays an important role in maintaining the cell-cell adhesions
in endothelial cells. Recent studies showed that Rac1 activation counterbalances RhoA
activity, reduces cell contraction and increases VE-cadherin expression (166).

To understand the influence of Rac1 activity on junction integrity, we systematically
studied the impact of RhoA activity and VE-cadherin density, the two major downstream
regulators of Rac1. Interesting, we find that as the VE-cadherin density increases, the
disrupted junction percentage increases at a low RhoA activity level but decreases at a high
RhoA activity level (Figure 5-4c). The heatmap of the percentage of disrupted junctions
with respect to RhoA activity and VE-cadherin density is given in Figure 5-4d. While an
intermediate level of RhoA activity prevents junction disruption for all VE-cadherin
densities, the influence of VE-cadherin density shows different behaviors at low and high
levels of RhoA activity. Specifically, a high VE-cadherin density prevents junction
disruption at high levels of RhoA activity, 𝛼𝑐𝑝 /𝛽𝑐𝑝 > 0.7, while it promotes junction
disruption at low RhoA activities, 𝛼𝑐𝑝 /𝛽𝑐𝑝 < 0.4. When more VE-cadherins are recruited
to share the forces induced by cellular contraction, forces on individual VE-cadherin
molecules are smaller. At high levels of RhoA activity, 𝛼𝑐𝑝 /𝛽𝑐𝑝 > 0.7, VE-cadherins
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operate in the slip regime. Therefore, higher VE-cadherin density decreases the force and
prevents the disruption of VE-cadherins. In contrast, for low RhoA activity, 𝛼𝑐𝑝 /𝛽𝑐𝑝 < 0.4,
VE-cadherins are in the catch regime, where a higher density of VE-cadherins decreases
the force and facilitates rupture of these bonds.

Rac1 activation is known to reduce RhoA activity and increase VE-cadherin density (166),
both of which decrease the force on individual VE-cadherin bonds. Based on the behavior
predicted by our model (Figure 5-4d), Rac1 activity plays different roles in maintaining
junctional integrity at different levels of RhoA activity. At high RhoA levels (𝛼𝑐𝑝 /𝛽𝑐𝑝 >
0.7), the VE-cadherins are in the slip regime (large forces lead to disruption), hence
enhanced Rac1 activity helps to maintain junctional integrity and to preserve barrier
function. In comparison, the VE-cadherins are in the catch regime (small forces lead to
disruption) at low RhoA levels ( 𝛼𝑐𝑝 /𝛽𝑐𝑝 < 0.4 ), therefore enhanced Rac1 activity
facilitates junction disruption.

5.4 Conclusions
Dynamics of endothelial layers is determined by stimuli such as fluid shear stress,
inflammatory mediators, and plays key roles in wound healing, angiogenesis and tumor
metastasis. The integrity of endothelial layers, which relies on both VE-cadherin bonds and
the associated actin networks, regulates changes in paraendothelial barrier function, cell
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spreading and cell migration (167–169). However, how actin networks regulate the
junction dynamics and control barrier function at the same time is not understood.

Here, we proposed a chemomechanical model to describe the evolution of endothelial
junctions in the monolayer of endothelial cell network cultured on a collagen substrate. By
including the two-way feedback between the stress-dependent cell contractility and the
extracellular environment, the model is able to keep track of the intercellular force profile
along the endothelial junctions (Figure 5-2e). By integrating the binding/unbinding
features of VE-cadherin bonds, the model can capture the nucleation and stall of gap
growth in endothelial cell network. The proposed model shows that the VE-cadherin bond
disruption nucleates at the cell vertex and grows along the border. Mediated by
chemomechanical feedback mechanism, the adaptive contractility allows the disruption to
reach a limiting size and stall further rupture (Figure 5-3a and b). The observations above
indicate that the cross-talk between actin networks and VE-cadherin is essential to maintain
the junction integrity. We systematically studied the impact of RhoA activity and VEcadherin density on junction disruption (Figure 5-4a-d). Our results show that junction
disruption can be prevented at an optimum RhoA activity level, while enhanced RhoA
activity leads to an increase in the probability of ruptures (Figure 5-4a and b). High VEcadherin density reduces the force on individual VE-cadherin bonds and its impact on the
integrity of endothelial junctions depend on RhoA levels. At a high RhoA level, the VEcadherin bond is in catch regime, hence a high VE-cadherin density helps maintaining
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junction integrity. At a low RhoA level, the VE-cadherin bond is in the slip regime, and
therefore, high VE-cadherin density promotes junction disruption.

Figure 5-5 A summary of how cell contractility regulates junction dynamics. Tensile
forces (arrows) from cortical and cytoplasmic actin are synthesized (dotted arrows) and
applied on the tricellular junctions, making the intercellular forces at these positions larger
than the bicellular junction. The VE-cadherin binding probability shows a biphasic
response to the intercellular force. When contractility is at low levels, the intercellular
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forces are in the low range, and VE-cadherins have higher chance to be disrupted when the
forces are small (catch bond behavior). Therefore, the disruption nucleates at the bicellular
junction. For the maximized disruption state, higher VE-cadherin density results in smaller
forces on VE-cadherin bond, leading to more disruption. When the contractility is at
intermediate levels, the intercellular forces are in the middle range where the cadherin
binding probability is high, and no disruption is observed. In comparison, for high
contractility, the intercellular forces are in the high range, and cadherins are ruptured when
the forces are large (slip bond behavior). Hence, the disruption nucleates at the tricellular
junction. For the maximized disruption state, higher VE-cadherin density leads to less
disruption.

Based on these results, we elucidated mechanobiological mechanisms that regulate
junction dynamics as a consequence of both intercellular and intracellular interactions
(Figure 5-5). Specifically, we found that tensile forces generated by cell contraction lead
to a “tug of war” at the triple-cell junctions, which results in higher intercellular forces at
these locations compared to bicellular junctions. The binding probability of VE-cadherins
shows a biphasic response to intercellular force, which is confirmed by recent studies (144,
145, 158, 170). When the cellular contraction is low, VE-cadherins are in the catch regime
and are disrupted easily when the forces are small. Therefore, disruptions nucleate more
readily at the bicellular junction. In this regime, a higher VE-cadherin density results in
smaller forces and leads to more disruptions. When cellular contractility is at intermediate
levels, VE-cadherin binding probability is high, and no disruption is observed. In
comparison, for high contractility, the intercellular forces are high, and VE-cadherins
rupture when the forces are large (slip bond behavior). Hence, the disruptions nucleate at
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the tricellular junctions. In this case, a higher VE-cadherin density leads to less disruptions.
In summary, junction integrity displays a biphasic dependence on cellular contractility, and
the junctions are most stable at an optimum level of contractility.

The junction rupture at the tricellular junction leads to the formation of intercellular gaps
within the endothelium, which the tumor cells exploit to transmigrate through the
endothelium (171). Interestingly, after seeding tumor cells on the endothelial monolayer,
the tumor cells tend to stay at the vertices. While it is still unclear what biochemical or
biophysical signals are associated in this process, there seems to be a mechanism through
which the tumor cells are able to identify and stay around the vertices to increase their
chance of successful transendothelial migration. Our study shows that higher RhoA activity
leads to larger intercellular gaps (Figure 5-4b). The predicted opening gap sizes are in the
range in which tumor cells can extravasate as reported in our previous work (171).

While the present model only considers the interactions within the endothelium, the stressdependent feedback mechanism allows us to include more complicated stimuli with
minimal adjustments. A recent study shows that shear stress impacts the endothelial
junctions by mediating non-canonical Notch signaling to activate Rac1 (142) that primarily
targets cortical actin. This mechanism also relies on feedback between contractility and
stiffness of the junctions, which can be studied using the approach we have developed here
(by tuning the chemomechanical feedback parameters, 𝛼 and 𝛽).
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To summarize, our chemomechanical model and experiments show that the dynamics of
cellular junctions in the endothelial monolayer are regulated by the VE-cadherin bond
dynamics as well as the two-way feedback between cellular contraction and the stiffness
of the junctions. In addition to providing an explanation for a variety of experimental
observations, this study can serve as a theoretical framework to study the endothelial
barrier function under different circumstances such as tumor metastasis, angiogenesis, and
wound healing.
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Chapter 6 Conclusions
6.1 Summary
This dissertation investigated continuum and computational modeling for cell-extracellular
environment interactions, which lays the foundation to address the role of mechanical
stimuli in serval physiological and pathological processes such as cell differentiation,
wound healing and tumor metastasis. We investigated the impact of mechanical stimuli on
focal adhesions (FAs), cell nucleus and endothelial cell networks.

We began the investigation by studying the size of FAs in non-fibrous (non-remodelable)
ECMs using shear lag model (SLM) in Chapter 2. We showed that the stiffness sensed by
cells through FAs presented a non-monotonic dependence on FA size. By considering the
force-dependent growth rule for FAs, we predicted that cells develop larger FAs when
cultured on stiff ECMs. We further extended the SLM to three-dimensional and included
the fibrous nature of the ECM in Chapter 3 to study the cell mechanosensing in non-linear
ECMs. Our model predictions showed that cells are able to reconstruct their
microenvironment by contraction in fibrous ECM. By recruiting fibers through contraction,
they create an environment with denser fibers, which benefits FA growth. Due to the
negative correlation between fiber recruitment and ECM stiffness (stiff ECMs are hard to
recruit fibers), FA size presents a non-monotonic relation with ECM stiffness in fibrous
ECMs. In addition to providing explanations for a variety of experimental observations,
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the model can serve as a theoretical framework for assessing the role of FAs in cellular
behaviors in non-linear extracellular environments.

Next, we focused on the whole cell level and studied nuclear morphology and stress during
tumor cell transmigration in Chapter 4. We predicted that cells transmigrate more easily
with a stiff ECM and a large endothelial/constriction gap, and estimated the minimal actin
contraction force required for successful transmigration of the nucleus. We faithfully
reproduced the nuclear shape throughout the nuclear transmigration through small
constrictions. By investigating the nuclear morphology profiles and the strain profile
during transmigration, we conclude that the primary driving forces (particularly for
transmigration through small constrictions) are those that pull the nucleus from the front.
The work provides a framework to access the roles of mechanical and geometric features
on cell migration across monolayers and through 3D matrices.

In Chapter 5, we study the gap formation due to the failure of cell-cell adhesions in
endothelium. We found that the VE-cadherin bond disruption nucleates at the cell vertices
and grows along the borders. Mediated by the chemomechanical feedback mechanism, the
adaptive cellular contraction stalls the disruption development and therefore preserves the
barrier function. We showed that enhanced RhoA activity leads to large gap formation,
which can be rescued by increasing Rac1 activity. The model developed here can be used
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as a predictive framework to study the endothelial barrier function during cancer
extravasation.

6.2 Outlook
The findings of this thesis provide insight into studying the mechanical impact on cell
behaviors in both fibrous and non-fibrous environments. This information has potential to
be incorporated in designing experiments to understanding cell behaviors under various
mechanical stimuli.

Generally, in the past few years, experimental studies in a trail and error process were used
to probing the methods to control cell behaviors using mechanical stimuli. In this context,
the computational models developed in each chapter can be used to provide understanding
of the cellular response to the in vitro and in vivo mechanical and biomechanical stimuli.
These models can provide information on the mechanotransductive interactions between
the cells and the ECMs.

In the future, we can extend the chemomechanical feedback model to including the
dynamical stress signal activation and recruitment of myosin motors. With this
implementation in hand, we can extend the model to investigate the time-dependent cell
behaviors, which provides closer connections with the physiological and pathological
processes.
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APPENDIX
A1. Modeling FA growth in 1D
A1.1. Boundary conditions for FAs on ECM fibers
As discussed in the literature (73, 172), cells are likely to form entire FA on one single
fiber in vivo as shown in Figure A1-1. As actomyosin is pulling the FA to the right, the
left side of the ECM fiber is under tension while the right side is under compression. As
we know that a fiber of length 𝑙 under compression would buckle above a critical force
(𝐹𝑐𝑟 ), given by,
𝜋 2 𝐸𝐼
𝐹𝑐𝑟 =
(𝐾𝑙)2

(A1-1)

where 𝐸 is Young’s modulus of the fiber, 𝐼 is area moment of inertia and 𝐾 is the column
effective length factor. For a typical Collagen-I fibers (𝑟~50 𝑛𝑚, 𝑙~30 𝜇𝑚, 𝐸~300 𝑀𝑃𝑎)
(71, 78), from Eq. (A1-1), the critical buckling force is around 16 pN, which is far smaller
than the actomyosin pulling force (around 100 pN) (81). Thus, when a FA forms on the
ECM fiber, the right part will buckle, and the fiber provides very small resistance. So for
the right boundary is treated as a traction-free edge, or, 𝑑𝑢𝑠 /𝑑𝑥|𝑥=𝐿 = 0. If FA does not
start forming right at the left end of the ECM fiber but from a position at 𝑥 = 𝐿𝑙 (as shown
in Figure A1-1), this is equivalent to adding a new spring (the stiffness is related to 𝐿𝑙 ) to
the left end of ECM fibers in our existing model. This change would make the effective
stiffness (𝑘𝑒𝑓𝑓 ) smaller than the case when FA starts forming at the left end of ECM fiber
at a given FA size, but will still show the non-monotonic relation (increasing first then
138

decreasing) with respect to the FA size (𝐿). As a result, our main conclusions will still hold.
To better understand the physics and make predictions, we assume that the FA starts
forming at the left end of ECM fiber (𝐿𝑙 = 0), which allows us to obtain analytical results.
Meanwhile, we need to point out that 𝐿𝑙 can range from zero to the total length of the fiber.
As discussed above, the randomness of this length will result in change in 𝑘𝑒𝑓𝑓 and thus
lead to different stable FA sizes. If 𝐿𝑙 = 0, the stable size will be the value predicted by
our model; if 𝐿𝑙 is too large, the stable size will be zero because the local ECM stiffness is
too soft for the cell to form FAs at this position. Thus our results provide an upper bound
on the FA size.

A1.2. Governing Equations for a continuum representation of the ECM
The equation governing the deformation of the plaque remains the same even if the
extracellular side changes from an elastic fiber to a continuous medium, that is
𝑘𝑝 𝑑𝑐2

𝑑 2 𝑢𝑝
= 𝛾𝑐 (𝑥)
𝑑𝑥 2

(A1-2)

with 𝛾𝑐 (𝑥) being the integrin force at position 𝑥 which, similar to before, can be expressed
as
𝛾𝑐 (𝑥) = 𝑘𝑐 (𝑢𝑝 (𝑥) − 𝑢𝑠 (𝑥))

(A1-3)

To determine the substrate deformation 𝑢𝑠 in this case, recall that from the Green’s
function for an elastic half-space, the surface deflection 𝑢𝑠𝑡 (𝑥) induced by a unit point force
at position 𝑡 is (75)
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𝑢𝑠𝑡 (𝑥) =

1+𝜈 1
𝜋𝐸𝑠 |𝑥 − 𝑡|

(A1-4)

where 𝐸𝑠 and 𝜈 are the Young’s modulus and Poisson’s ratio of the substrate respectively.
By using the principle of superposition, the integrin-force induced substrate displacement
can be obtained as
𝐿

𝑢𝑠 (𝑥) = ∫
0

1+𝜈 1
𝛾 𝑑𝑡
𝜋𝐸𝑠 |𝑥 − 𝑡| 𝑐

(A1-5)

Figure A1-1 Schematics of FA on an ECM fiber.
A1.3. Numerical solution of elastic fields with COMSOL
The finite element package COSMOL was used to solve the problem shown in Figure 21d. Specifically, a slender elastic fiber and another elastic body, with much larger
dimensions, were introduced to represent the adhesion plaque and the substrate,
respectively. To simplify the problem, only half of the model was built in COMSOL with
symmetric boundary conditions (Figure A1-2a). These two parts were connected to each
other by a series of springs, representing the integrin bonds. During the simulation, a
controlled horizontal pulling force was applied on one end of the plaque and the
corresponding deformation generated (i.e. the displacement field within the plaque) was
then calculated and recorded (refer to Figure A1-2b), from which the effective stiffness of
the FA can be extracted. Results for a denser mesh model are also shown in Figure A1-2b.
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Figure A1-2 (a) A computational model built in COMSOL. (b) A representative
simulation result showing the deformation of the plaque with the mesh size used (blue)
and a denser mesh (green).
A2. FA growth in 1D vs 3D
A2.1. Limitation of dimensionality: 1D vs 3D models for FA growth
Integrin/ligand density can vary in both 1D and 3D (or more precisely, quasi-3D, since the
cell is not fully encapsulated in the matrices) models, but there are significant differences
in the physical phenomenon described by Eq. (3-1) in 1D vs 3D. In 1D environments, there
are no crosslinks involved since only a single fiber is considered. In that case,
integrin/ligand density increases along individual fibers as a result of compressive strains.
On the other hand, in 3D environments, integrin/ligand density changes when fibers are
recruited by the cells after breaking inter-fiber crosslinks. Since RGD ligand attached to
DexMA fibers are not mobile, collective recruitment is crucial to increase local ligand
density. Therefore, while an increase in the density of ligands can be achieved in 1D using
Eq. (3-1), the parameters in this equation only make physical sense when applied to the 3D
model. In addition to providing a more accurate description of densification, the 3D setup
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allows for quantitative analysis of mechanotransduction at the cellular level and therefore
can be used to study more complicated problems such as spreading, migration and cell-cell
interactions where the geometry of cells becomes important.

A3. Model details for cell transmigration
A3.1

Model for the mechanical response of the nucleus

The nucleus is the stiffest compartment within the cell and becomes the limiting factor in
transmigration. Recently, Kim et al. used a non-linear shell model to analyze the mechanics
of the nucleus. The shell represents the nuclear envelope (NE)(128), treated as a
hyperelastic material obeying a neo-Hookean constitutive relationship. This approach was
shown to be reasonable since it captures the shape and size of the nucleus when subjects to
mechanical and osmotic loads. Following a similar approach, we treat the nucleus as a
hyperelastic shell following a neo-Hookean constitutive relationship (with shear modulus
𝜇𝑠 and Poisson’s ratio 0.3). The NEs mainly consist of lamins(173), the lamin A/C
concentration within the NE has been shown to greatly impact on the deformability of the
nucleus(127), as well as in the regulation of cell migration and differentiation(28, 115),
These findings indicate that the thin NE dominates the mechanical response of the nucleus.
We assume the NE has a shear modulus of 𝜇𝑠 = (𝑟𝑛 /ℎ)𝜇𝑛 , where 𝜇𝑛 is the shear modulus
of the nucleus, and ℎ is set as ℎ = 0.1𝑟𝑛 to ensure the NE is relative thin. Since bulk
modulus is linearly correlated with shear modulus, the effective bulk modulus(174) of the
nuclear model used here is 𝜅𝑒𝑓𝑓 = (ℎ/𝑟𝑛 ) 𝜅𝑠 = 𝜅𝑛 . Therefore, this setup ensures that the
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“effective” bulk modulus that relates pressure to the overall volume change is comparable
to the measurements from micropipette aspiration experiments.

We also considered the mechanical response of chromatin and other structures that are
encased in the NE, which was ignored in Kim’s model. A recent study reported that large
chromatin condensation (~2 fold) is required for efficient cell migration, especially through
small pores(175). Considering the high volume of water (~80%) contained within the
nucleus(176), the chromatin and other sub-cellular structures within the nucleus are treated
as a soft poroelastic material with shear modulus 𝜇𝑐 = 0.1𝜇𝑛 and the ‘dry’ Poisson’s ratio
0.3. Though the NE is directly permeable to water, the transport of other molecules is
regulated(177), which can be addressed by assigning different ‘dry’ Poisson’s ratios (to be
discussed later). The characteristic time for the fluid within the nucleus to flow out of the
nucleus in response to the compressive forces it experiences during transmigration can be
estimated as 𝜏 = 𝑟𝑛2 /𝐷𝑐 , where 𝐷𝑐 is the poroelastic diffusion coefficient and 𝑟𝑛 is the
radius

of

the

nucleus.

Using

the

parameters

reported

in

the

literature

(𝑟𝑛 ~3𝜇𝑚, 𝐷𝑐 ~50𝜇𝑚2 /𝑠)(24), the characteristic time for water to flow out of the nucleus
is found to be ~0.18s, which is much faster than the time it takes for of transmigration (~15
minutes to few hours)(21). Here we only focus on the steady state shape, where the water
flow has ceased. The high concentration of charged chromatin inside the nucleus also
suggests that the osmotic pressure across the NE is unequal. In cells adhered to substrates,
the difference in the osmotic pressure has been shown to be approximately 10−2 𝜇𝑛 (𝜇𝑛 is
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the shear modulus of the nucleus) (128), whereas the computed stresses in the shell when
the nucleus squeezes through small gaps is of order 0.1 − 1 𝜇𝑛 . Therefore, we did not
include the osmotic pressure in our model. To summarize, we assume that the nucleus has
a stiff shell to represent the NE and is filled with a softer poroelastic material to represent
chromatin as shown in Figure 4-1c. The change in the volume of the shell during
deformation is due to the outward flux of water (that takes place over a few seconds to
minutes, faster than the time it takes for transmigration). The numerical values of all the
model parameters used are given in Table A3-1.

Table A3-1 List of parameters used in the model
Model
Parameter
𝜇𝑛

Description

Typical Value

Source

Nuclear shear modulus

~5 kPa

𝜇𝑒

Endothelial shear modulus

~1 – 10 kPa

𝜈𝑒

Poisson’s ratio for endothelium

0.3

𝜇𝑡

ECM modulus

~0.05 – 5 kPa

𝜈𝑒

Poisson’s ratio for ECM

0.3

𝑟𝑛
𝑟𝑔

Nuclear radius
Endothelial gap radius
Chemo-mechanical coupling parameters
related to the molecular mechanisms that
regulate the engagement of motors
Stiffness of the cytoskeleton
Initial myosin motor density

~1 – 5 μm
~ 0.5 – 5 μm

N. Caille, et al. (178)
D. Zeng, et al. (179), S. M.
Thomasy, et al. (180)
A typical value for
compressible
neoHookean material
Typical tissue modulus
A typical value for
compressible
neoHookean material
Typical nucleus radius
K. Wolf, et al. (27)

𝛽
𝐾
𝜌0
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~ 2.77 × 10−3
Pa

V. Shenoy, et al. (16)

~1 kPa
~0.5 kPa

S. Chiron, et al. (181)
H. Wang, et al. (182)

A3.2

Model for the ECM and the endothelium or constrictions

To model the extracellular environment for transmigration, we introduce a small gap of
radius 𝑟𝑔 in the endothelium (or more generally a constriction in a microfluidic device).
We describe the mechanical response of the endothelium (or the walls of the constrictions)
and the ECM using a compressible neo-Hookean hyperelastic material model (with
Poisson’s ratio 𝜈 = 0.3, which is a typical value for compressible neo-Hookean materials).
This model behaves like a linear-elastic model at small strains, and shows strain hardening
both in compression and tension, a hallmark of biomaterials. The Cauchy (or true) stress
tensor for this model is given by:
5

𝛔 = 𝜇(𝑭𝑭𝑻 − 𝑡𝑟(𝑭𝑭𝑻 )/3)/𝐽3 − 𝜅(𝐽 − 1)

(A3-1)

where 𝑭 is the deformation gradient tensor: 𝐹𝑖𝑗 = 𝜕𝑥𝑖 /𝜕𝑋𝑗 , where nuclear material points
in the initial and current configurations are given, respectively by 𝑥𝑖 and 𝑋𝑗 ; 𝐽 = det(𝑭) is
the determinant of the deformations gradient tensor, which indicates relative volume the
change of the material elements. Here 𝜇 is the small-strain shear modulus of the material,
and we assign different shear moduli, 𝜇𝑒 and 𝜇𝑡 to the endothelium (or the material that
surrounds the constrictions in microfluidic devices) and the ECM, respectively; 𝜅 is the
bulk modulus and is related to the small-strain Poisson’s ratio through the relation, 𝜅 =
2𝜇(1 + 𝜈)/(1 − 2𝜈)/3.
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A3.3

Chemo-mechanical description of the stress-fiber network

It has been reported that actomyosin contraction provides the force necessary for the
nucleus to translocate through tight spaces (134). Recent studies with microfluidic devices
show increased GFP-actin activity at the front of the cell during migration (Figure 4-1a)
(21). Therefore, we consider the actin filament contraction at the front as the only driving
force for transmigration firstly, while the effect of pushing at the back due to cortex actin
will be discussed later. The forces exerted by the actin filaments (connected to the nucleus
through the linker of nucleoskeleton and cytoskeleton (LINC complex)) are assumed to be
uniformly distributed on the top-side of the nucleus (refer to Figure 4-1c). Uniformly
distributed forces (same amount but along opposite direction) are acted on the projected
region of the nucleus top-side on the ECM. As the nucleus moves through the endothelial
gap, as the first approximation we assume that it does not exert any frictional forces, thus
all contact forces are assumed to be normal forces. This assumption is justified by
comparing the nuclear shapes predicted by our model with the shapes observed in
experiments. The actomyosin contractile forces are balanced by the forces (in the opposite
sense) exerted on the nucleus by the endothelial layer (Figure 4-1c). A mechano-chemical
model that accounts for both active (myosin) and passive elastic elements is used to model
the actin filaments. As described in our previous study (16), both Rho-ROCK and Capathways control stress-dependent myosin motor recruitment and binding with the
cytoskeleton. During transmigration, the stress-fibers apply tensile forces to the molecular
complex at the focal adhesions (183) that link them to the ECM, which trigger a variety
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of biochemical processes. One of these events is the conformation change of Vinculin and
p130Cas, exposing binding sites of Src-family kinases (SFKs) (12, 13). SFKs act on RhoGTPases by controlling the activity of guanine nucleotide exchange factors (GEFs) and
GTPase activating proteins (GAPs), and increased activity of Rho promotes Rho kinase
(ROCK) mediated phosphorylation of myosin phosphatase targeting protein (MYPT),
which ultimately, down-regulates motor unbinding (14). The Ca2+ pathway regulates the
rapid binding of motors to the cytoskeleton (15). This process includes Ca2+ flux into the
cytoplasm and promotes motor binding with increasing tension acting on the cell
membrane. The main outcome of these stress-dependent signaling pathways is that motors
switch from inactive states (red in Figure 4-1d) to active states (green in Figure 4-1d),
which causes an increase in the density of force dipoles (representing myosin motors) and
alignment in the direction of applied stress.

When the above stress-dependent processes that regulate cell contractility are considered,
the contractile stress of the actin filaments can be written (16) as 𝜎 = 𝜌 + 𝐾𝜀 and the force
exerted by the stress-fibers in transmigration can be written as
𝐹𝛼 = 𝜎𝜋𝑟𝑛2 = (𝜌 + 𝐾𝜀)𝜋𝑟𝑛2

(A3-2)

where 𝜌 is the density of force-dipoles (representing myosin motors/contractility) in the
actin network, 𝜀 is the strain of the actin filaments, and 𝐾 is the effective passive stiffness
of the actin filaments. The first and second terms in the equation for 𝜎 and 𝐹𝛼 denote the
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active and passive contributions to the force. The contractility itself depends on the
mechano-chemical coupling discussed in above and can be written (16) as,
𝜌=

𝛽𝜌0
𝛼𝐾 − 1
+
𝜀
𝛽−𝛼
𝛽−𝛼

(A3-3)

where 𝜌0 is the contractility in the absence of adhesions, 𝛼 and 𝛽 denote mechanochemical coupling parameters that relate to the molecular mechanisms that regulate the
stress-dependent signaling pathways and engagement of motors respectively (refer to
Figure 4-1d) and satisfy the criterion (16) that 0 < 𝛼/𝛽 < 1. From Eq. (A3-3), it is clear
that the cell generates large contractile forces for large values of the feedback parameter,
i.e. 𝛼 → 𝛽. Treating the cell with contractility inhibiting drugs effectively reduces the
strength of the feedback parameters by down regulating the signaling pathways.

Prior to considering the full 3D analysis of transmigration, in order to illustrate how the
contractile force depends on the mechanical properties of the ECM and the nucleus, we
consider a simplified 1D model: a contractile element sandwiched between the nucleus and
∗
the ECM with 𝐾𝐸𝐶𝑀
and 𝐾𝑛∗ denoting the effective stiffness of the ECM and nucleus

respectively as shown in Figure 4-1e. The strain of actin filaments can be expressed as 𝜀 =
−Δ𝑙/𝐿, where Δ𝑙 is the contraction length of actin filament, 𝐿 is the initial average length
of actin filament (shown in Figure 4-1c and Figure 4-1e). The contraction length of actin
filaments, Δ𝑙, can be related to the displacement (strain) of the nucleus and the ECM: Δ𝑙 =
𝐿 − 𝑙 = Δ𝑙𝐸𝐶𝑀 + Δ𝑙𝑛 , where Δ𝑙𝐸𝐶𝑀 and Δ𝑙𝑛 are the displacements of the ECM and the
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nucleus respectively (refer to Figure 4-1e). Assuming the ECM and nucleus are linear
elastic, we can write,
𝜎
𝐾𝑛∗
Along with geometric boundary condition 𝜀 + 𝜀𝐸𝐶𝑀 + 𝜀𝑛 = 0 and Eq. (A3-3), the stress
εECM =

𝜎

∗
𝐾𝐸𝐶𝑀

, εn =

generated by the contractile element is given as,
𝜎=

1
𝛽𝜌0
(𝛽 − 𝛼) 𝐾𝛽 − 1
1
+
𝐾𝑒𝑓𝑓 𝐾𝛽 − 1

(A3-4)

∗
∗
where 𝐾𝑒𝑓𝑓 = 𝐾𝐸𝐶𝑀
𝐾𝑛∗ /(𝐾𝐸𝐶𝑀
+ 𝐾𝑛∗ ) . The above equation shows that the increasing

stiffness of either the ECM or the nucleus leads to an increase in the contractility and hence
the net force exerted by the actin filaments. The maximum level of contractility is achieved
when 𝐾𝑒𝑓𝑓 → ∞ and is given by 𝛽𝜌0 /(𝛽 − 𝛼) . Having established the stiffness
dependence of the contractile force, next we use 3D simulation to determine if it is
sufficient to pull the nucleus through the endothelium.

To calculate the deformation of the nucleus, the endothelium, and the ECM during
transmigration, we implemented the model and the constitutive equations Eq. (A3-1) in the
finite element (FEM) package, COMSOL 5.1. The resistance force 𝐹 depends on the model
parameters: 1) 𝜇𝑛 and 𝑟𝑛 – shear modulus and radius of the nucleus, 2) 𝜇𝑒 – shear modulus
of the endothelium, 3) 𝜇𝑡 – shear modulus of the ECM and 4) 𝑟𝑔 – endothelial gap size. In
terms of dimensionless parameters, we have
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𝐹∗ =

𝑟𝑔 𝜇𝑒 𝜇𝑡
𝐹
= 𝐹∗( , , )
2
𝜇𝑛 𝑟𝑛
𝑟𝑛 𝜇𝑛 𝜇𝑛

(A3-5)

where we have scaled all length with the nuclear radius 𝑟𝑛 and all shear modulus with the
shear modulus of the nucleus 𝜇𝑛 . Transmigration can only happen when the driving force
provided by actin filaments is larger than the resistance force, 𝐹𝛼 ≥ 𝐹.
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